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ABSTRACT 
 

Antibiotics have been our most effective weapon against bacterial 

infections since their discovery in the early 1900s. Their use has been critical in 

reducing mortality rate from infectious diseases. However, in the last few 

decades, the overuse of antibiotics, beginning at an early age and into adulthood, 

has become a growing concern globally. Penicillin is one of many extensively 

used antibiotics in early childhood that has been used to treat childhood 

infections. Recent studies showed that exposure to low dose penicillin can have 

adverse effects leading to chronic illness such as diabetes, allergies, 

inflammation, and susceptibility to obesity, with the latter two having links to 

colorectal cancer. In this study, our goal was to determine if exposure to low 

dose penicillin has an impact on the intestinal microbiota composition and 

inflammation and determine the impact on development in tumors of the intestine 

of the mice, a genetic model of intestinal tumor development. Mice were 

administered low dose penicillin in their drinking water, fecal samples were 

collected at four-week intervals to analyze changes in microbiome composition, 

and tumor burden was analyzed when mice were 18 weeks of age. Although 

other studies showed a correlation between antibiotic exposure and microbiota 

disruption and inflammation in the intestine, we found no significant differences in 

microbiota composition between exposed and control ApcMin/+ mice. However, we 

found a significant increase in tumor burden specifically in female mice but not in 

male mice.  
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CHAPTER 1 

INTRODUCTION 

 

1.1 United States Statistics on Colorectal Cancer  

Colorectal Cancer (CRC) is the second most common cancer and the third 

leading cause of cancer mortality in both women and men in the United States in 

2020 [1]. The largest disparity between incidence in men and women resides in 

rectal tumors with a male-to-female incidence rate ratio (IRR) of 1.62; 95% CI, 

1.60-1.63 and the smaller disparity in tumors in the proximal colon with IRR of 

1.07; 95% CI, 1.07-1.08. Statistical data indicate that women have a higher 

incidence of proximal tumors (45%) when compared to men (36%) [1]. The 

reasons for the difference in location of tumor burden is unknown; however, it 

could be related to different biological and molecular characteristics that may be 

associated with gender. Age is associated with CRC incidence as individuals 

(both women and men) younger than 45 years have comparable results, while in 

those between the ages of 55 to 74 years, the incidence is 40-50% higher in men 

than in women [1].  

More disparities in CRC incidence and mortality are observed based on 

race and ethnicity. Statistical data on the five major categories including Non-

Hispanic Blacks (NHB), American Indian/Alaska Native (AI/AN), Non-Hispanic 
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Whites (NHW), Hispanic, and Asian/Pacific Islander (API), were collected from 

Purchased/Referred Care Delivery Area counties [1]. From 2012 through 2016,  

the incidence of CRC in NHB was approximately 20% higher than NHW, 45.7 per 

100,000 population as compared to 38.6 per 100,000 population respectively. 

NHB incidence was nearly 50% higher than those of API classification at 30.0 per 

100,000 population. From 2013 through 2017, CRC mortality rates in NHB were 

40% higher than NHW (19.0 per 100,000 population to 13.8 per 100,000 

population, respectively) and double those of API classification (9.5 per 100,000 

population) [1]. Socioeconomic factors were the driving factor in racial disparity 

and were associated with access to medical care and education. Statistics from 

self-reported education and census-tract socioeconomic status in 2018 showed 

that the median income for NHB was $41,361 compared to the NHW median 

income of $70,642 with a poverty rate of 21% among NHB and 8% among NHW 

[1, 2]. Lower income populations were associated with unhealthy diet due to lack 

of resources, smoking, consumption of alcohol, education, and lower quality 

health care accounting for about 44% of the disparity [3]. Interventions that are in 

place to minimize CRC mortality such as early screening and detection are not 

as likely to be practiced by individuals with low-income and low-educational 

backgrounds as compared to those who come from higher income and education 

backgrounds [2]. The development of adenomas or CRC in NHB and NHW is not 

any less likely outside of associated risk factors; however, access to quality care 

after a positive screen is less likely for NHB and therefore has the potential to 

contribute to higher mortality rates [1, 2, 4].  
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CRC incidence is more problematic among ANs, with an incidence of 89 

per 100,000 population and mortality of 40 per 100,000 population; which is 

double those of NHBs in the United States [1]. Another concern is that the main 

preventive care for those of American Indians descent is stool testing, which is 

very limited in detecting cancer markers; therefore, access to follow-up health 

care for American Indians is a major challenge that contributes to a high rate of 

CRC mortality [1, 5, 6].  

Genetic or heritable factors play a critical role in CRC development in 

addition to environmental factors. Sporadic cases of CRC account for 60-65% of 

all CRC cases as compared to a small percentage of patients susceptible to 

inheritance [7, 8]. Sporadic CRC can be minimized by changes in behavior due 

to modifiable risk factors [9]. These modifiable factors include, poor diet, low 

physical activity, alcohol consumption, smoking, and obesity [7]. A sedentary 

lifestyle increases the risk of developing CRC by 25-50% as compared to those 

who maintain regular physical activity [10]. Physical activity contributes to 

decreased risk of CRC by minimizing fat accumulation, lower inflammation rates, 

and by maintaining the integrity of gut quality and hormone levels [11]. Diet also 

contributes to CRC development as a high fat diet is more inclined to disrupt the 

composition of the gut microbiota that protects the intestinal lining of the colon 

[12].  

 

1.2 Global Statistics on CRC 
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Globally, the highest incidence of colorectal cancer (CRC) is found in 

different regions of Europe, Australia/New Zealand, Northern America, and 

Eastern Asia based on 2018 statistics [13]. In comparison, regions of Africa and 

Southern Asia have a low prevalence of CRC. In 2020, CRC was the third most 

common type of diagnosed cancer and was the second leading cause of cancer 

related deaths worldwide [7]. In 2020, CRC contributed to approximately 515,637 

deaths among males and 419,536 deaths among females [7]. An increase in 

CRC in less developed countries is attributed to recent trends towards a 

westernized diet and lifestyle, and an association with environmental risk factors. 

While there is a higher incidence in more developed countries, preventive 

measures, and family diagnosis, and screening treatment have contributed to 

decreasing rates of CRC.  

Notable efforts in screening and treatment have been made to offset the 

progressive stages of CRC and reduce risk of mortality [14]. CRC incidence has 

decreased within recent decades due to the emphasis on preventive screening 

[14, 15]. CRC develops through an adenoma-carcinoma sequence that is 

initiated from precursor sporadic lesions that can be removed at the early stages 

if found through preventive screening [16]. Based on practices by the American 

College of Gastroenterology (ACG), the most common forms of detection include 

colonoscopy, sigmoidoscopy, CT colonography and stool-based testing [16]. 

Endoscopic removal of early polyps during a colonoscopy has reduced CRC 

prevalence and mortality. Since 2018, The American Cancer Society has 
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recommended lowering the age for CRC screening to 45 years due to the 

increasing incidence of CRC in young adults [15, 17-20].  

Multiple factors increase the risk of developing CRC. Sex, age, and race 

contribute to a large part of the development of CRC with associated risk factors 

including environment, quality of care, diet, and genetics [7]. In 2020, the global 

incidence of CRC for men was 23.4 cases per 100,000 persons which is 44% 

higher than the incidence of CRC for women with 16.2 cases per 100,000 

persons [1, 7]. Similarly in the United States, the incidence rate for men that is 

31% higher than that found in women, which correlates with the lower life 

expectancy in men [7].  

The incidence of CRC remains higher for those over 50 years of age; 

however, beginning in 2000, the incidence of CRC in patients younger than 50 

years has steadily increased [21, 22]. The hallmark difference is that patients 

younger than 50 years tend to have tumors in the left side of the colon including 

the descending and sigmoid colon and rectum, while those over 50 have tumors 

on the right side including the cecum, and ascending, proximal, and transverse 

colon [21]. In most European countries, CRC is more common in the proximal 

colon in women as compared to men [7, 23]. This is of interest because the 

incidence of CRC in the proximal colon was also found to increase with 

increasing age [23]. expectancy in men [7]. The correlation between colon tumor 

development and location is important to determine appropriate treatment plans 

for the patient [7].  
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1.3 Antibiotics and Low Dose Penicillin (LDP) 
 
The increasing use of antibiotics is a concerning global phenomenon and has the 

potential to impact CRC prevalence in all populations [24, 25]. Antibiotics were 

introduced in the early 1900s and used primarily for clinical practice as shown in 

Figure 1.1. 

 

Figure 1.1 Antibiotic Introduction in Clinical Practice. Antibiotics have served 
in the clinical industry since the early 1900s and has advanced overtime. 
 

Antibiotics have been used to treat infectious bacterial diseases in humans but 

the use has also become widespread within the food industry [24]. Antibiotics 

have been incorporated in agricultural practices to treat livestock for infectious 

disease and as food additives to promote growth of the livestock [24, 26]. The 

extensive use of antibiotics has created long-term concerns regarding the 

integrity of our agriculture systems as 75-90% of the antibiotics present in 
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livestock manure could remain in the soil and water. This may result in further 

emergence and spread of antibiotic resistance [27] and leading to early exposure 

of children to these antibiotics [28, 29]. Antibiotics used in livestock have a 

particular viability that allows them to remain in the food products, yet there are 

no regulations in place to prevent extensive exposure to the antibiotics [28]. In 

2011, of 5,006 selected meat samples tested by the FDA forty-seven detectable 

had levels of antibiotic residues, eight of which were above the permitted limits 

[28, 30].  

Antibiotics were introduced in the 1900’s and have been our most effective 

weapons against life threatening, infectious diseases. Although antibiotics are 

indispensable against bacterial infections, exposure at an early age is of concern 

[31, 32]. In the United States, approximately 25% of all prescriptions for children 

are antibiotics with the most common being amoxicillin and azithromycin [33, 34]. 

A study on U.S. Prescriptions [35] in 2010 indicated that by two years of age, a 

child in the U.S. has received approximately three antibiotic courses and up to 

ten antibiotic courses by ten years of age [28, 35]. Individuals in the U.S. on 

average, have an alarming rate of exposure to 17 antibiotic courses by the age of 

twenty [35]. The southern region of the U.S. experiences a higher rate of 

antibiotic prescriptions than the western region [35, 36]. By comparison, 

exposure to antibiotics in early life in Sweden is approximately 40% less than that 

of the U.S., suggesting that antibiotics are over prescribed in the United States 

[28, 36].  
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Among the most prescribed antibiotics, penicillin, a class of antibiotics in 

the beta-lactam family, is one of the most extensively used in children [31]. 

Studies in mice that are exposed to low dose penicillin (LDP) demonstrated 

negative effects on metabolic development and inflammation [28, 31, 37, 38]. 

Low dose penicillin caused changes in the intestinal microbiota of young mice 

[28, 31, 39, 40] and decreased expression of genes in the ileum of the intestinal 

tract [28] that were associated with the development of innate and adaptive 

immunity to generate cells for immune defense [28]. 

 

1.4 Antibiotics and Microbiota Associated with CRC  
 

Infant microbiome greatly differs from that of a mature adult microbiome 

environment [33]. Infants have little diversity in their microbiota environment, but 

diversity increases overtime as new foods and environmental factors are 

introduced that cause the microbiota composition to shift [33, 41]. The 

introduction of antibiotics to a population of microbiota with low diversity poses 

the threat of altering compositions that have long-term effects in later life and it is 

important to evaluate the influence of such drugs in early life [33]. The human 

intestinal microbiota houses a multitude of diverse microorganisms with around 

800-1000 different bacterial species and approximately 7000 different strains [24, 

42]. About 95% of the microorganisms that inhabit the intestine are beneficial for 

pathogenic defense, with the remaining microbes having harmful properties [24].  

Extensive research has been conducted to demonstrate that antibiotics have 

adverse effects on the composition of bacteria in the microenvironment including 
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the taxa of Bacteroidetes and Firmicutes [24, 43]. Bacteroidetes and Firmicutes 

phyla comprise the majority of the gut microbiota and are associated with lipid 

and carbohydrate break-down [44]. Exposure of the gut microbiota to antibiotics 

has the risk of reducing these prominent bacteria resulting in alterations in 

composition. This may lead to loss in taxa diversity and the risk of pathogenic 

exposure that result in antibiotic-resistant bacteria and diseases such as colitis 

and CRC [42, 45, 46]. Early exposure to the antibiotics tylosin and amoxicillin, in 

the drinking water of young mice, showed that mice were more susceptible to 

increased colitis, weight loss, and mortality over their lifetime [25]. The mice 

presented symptoms of increased blood in the fecal pellets and severe colonic 

tissue injury as compared to control groups without antibiotic exposure as early 

as 23 days after exposure, with symptoms becoming more severe after 80 days 

[25]. Early exposure to antibiotics may have the potential to impose long term 

effects on the human natural microbiota [25]. 

The link between microbiota and CRC is highly correlated to the 

Fusobacterium class of microbes [47], as well as the major classes of microbes 

Bacteroidetes and Firmicutes [48]. Fusobacterium is a gram-negative anaerobic 

bacterium that is most associated with periodontitis and intestinal diseases [47, 

49]. There has been no direct correlation showing that Fusobacterium is the 

primary cause of CRC development; however, studies established that 

Fusobacterium contributes to the development and progression of CRC [47, 50]. 

A novel study conducted by Kostic et al. [50] established that Fusobacterium was 
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abundant in the early stages of CRC development in the colorectal adenoma. 

The bacterium was localized in tumor tissue but not in surrounding healthy 

tissues, suggesting that Fusobacterium is vital in the development of early CRC 

[50]. Recent studies further showed large numbers of Fusobacterium in the feces 

of patients with adenomas and in CRC patients as compared to healthy 

individuals [51].  

 

1.5 Antibiotics and Inflammation Associated with CRC 
 

The immune system is comprised of two major systems, adaptive 

immunity (acquired immunity) and innate immunity (natural immunity) [52]. Both 

intricate components of immunity have the potential to be affected by antibiotic 

exposure, thus creating long term concerns on immunity [33]. Inflammation in the 

microenvironment of CRC patients is one of many hallmarks of a progressive 

disease. Inflammation initiated by hyperactive immune cells may lead to pro-

inflammatory cytokine release that can cause development of dysbiosis, colitis, 

inflammatory bowel disease, and Chron’s disease, that are all associated with 

pre-cancerous properties [53]. Presence of lymphocytes in the tumor indicate 

that the body is attempting to fight off the pathogen; however, the abundance of 

myeloid-derived suppressor cells (MDSCs) and Regulatory T cells (Tregs) 

indicate that the prognosis of the disease is progressive [47, 54]. MDSCs flourish 

in environments where pathological diseases are present such as chronic 

infections and cancer [47]. The presence of MDSCs indicates that there is a form 

of resistance and strong prognosis of infection, as MDSCs have 
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immunosuppressive activity and contribute to the inhibition of anti-tumor 

immunity [47, 55, 56].  

The most common inflammatory diseases associated with CRC 

development include ulcerative colitis (UC), Crohn’s Disease (CD), and 

inflammatory bowel disease (IBD) [57]. Evidence shows that patients with 

mucosal UC after 10, 20, or 30 years, had an estimated risk of developing cancer 

of 2%, 8%, and 18% respectively [57, 58]. In another study, the incidence of CRC 

was 2.5%, 7.6%, and 10.8% at 20, 30, and 40 years of UC, respectively [59]. The 

risk of developing CRC from CD was reported to be 0.3%, 1.6%, and 2.4% after 

5, 15, and 25 years [60]. Thus, the risk of CRC development is related to the 

duration of the diagnosis of disease [57]. IBD presents the most significate risk of 

developing CRC with a mortality rate up to 15% [61, 62]. In this study, we will test 

the hypothesis that exposure to low dose penicillin in early life disrupts the 

microbiota composition, and increases inflammation in the colon, resulting in 

increased tumor burden. We will test this hypothesis in the ApcMin/+ mouse, a 

genetic model of colon carcinogenesis. 
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CHAPTER 2 

METHODS  

 

2.1 The ApcMin/+ Mouse  

The ApcMin/+ mouse was used to determine the role of LDP exposure in 

tumor burden development. The adenomatous polyposis coli (APC) gene, found 

in organisms that are predisposed to colorectal cancer development [63]. It is 

mutated in familial adenomatous polyposis (FAP), an inherited form of CRC and 

in ~80% of sporadic colorectal cancers [63]. The APC gene acts as a tumor 

suppressor and therefore, mutations in this gene result in genetic instability within 

the colon [63]. The multiple intestinal neoplasia (Min) allele was identified after 

mutagenesis with ethylnitrosourea has a point mutation in codon 850 of the Min 

allele that results in an early truncation of the gene that results in the 

development of a phenotype that is similar to human FAP [64-66]. The ApcMin/+ is 

heterozygous for this mutation and loss of the functional allele results in polyp 

formation within the small intestine [64]. The ApcMin/+ mouse serves as a model 

for intestinal polyposis that is comparable to the human intestinal tract, with the 

main difference being that polyps in humans reside primarily in the colon [64]. 

The use of the ApcMin/+ mouse model in this study demonstrates the effect of 

inflammation on tumor burden and microbiota composition in addition to the 

outcomes of APC mutations. 
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The hypothesis will test if LDP exposure will cause enhanced tumor 

development and contribute to inflammation and changes within gut microbiota in 

the ApcMin/+ mice, a model predisposed for colorectal cancer development.  

 

2.2 Experimental Design  
 
 Male ApcMin/+ mice that were heterozygous for the Min allele were bred 

with female C57BI/6 mice. Offspring were genotyped to determine which ones 

had the Min allele, these were used for this study. LDP (2mg/mL) was 

administered in the drinking water. The amount of LDP administered to the mice 

is like that found in surface water that is commonly found in the drinking water 

systems of humans due to antibiotic exposure in agriculture and therefore used 

to model this consumption [67]. Control mice were provided with antibiotic-free 

water. Feces and blood serum were collected before treatment and then every 

two weeks during exposure to LDP. Ten male and ten female mice were used as 

controls, while ten male and twelve female mice were given water with LDP. 

Treatments are listed in Table 2.1. Experimental design and schedule of feces 

and blood collection at 4-, 8-, 12-,16-, and 18-week intervals are shown in Figure 

2.1. Genomic DNA was extracted from feces and sent to Heflin Genomic Centre 

at the University of Alabama Birmingham, for microbiota 16S rDNA sequencing 

for analysis of composition.  
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       Figure 2.1 Experimental Design of ApcMin/+ Mice Treatment.  
 

Table 2.1 Mouse Model and Treatment Groups 

 

 

2.3 Microbiota Alpha Diversity 

 Alpha Diversity associated with microbiota data is a measure of species 

richness, or how many different types of species are within a population. 

Richness is measured by the amount of diversity present within a population [68]. 

Less diversity within the population is indicated by a lower evenness Pielou score 

as compared to a higher evenness Pielou score symbolizing the abundance in 

diversity. Studies have shown that a correlation between age and gut microbiota 
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alpha diversity. Studies have shown that a correlation between age and gut 

microbiota alpha diversity from the birth of the mouse pups into adulthood exists 

[69-71]. The integrity of alpha diversity within a population is maintained in 

progressive ages of mouse models; however, the association of disease 

overtime will contribute to the changes in the composition [71]. Other studies 

have reported links between gender and gut microbiota that are similar between 

humans and mice and established that women typically show a higher microbial 

diversity than men. This may contribute to gender differences in the emergence 

of different diseases [70-72].  

Graphpad Prism was used to calculate alpha diversity at different time 

points (TPs) throughout the experiment. Alpha diversity was analyzed using an 

unpaired t-test with Welch’s correction without assuming equal standard 

deviations. Significance level was calculated based on a p-value < 0.05%. 

 

2.4 Calculation of Beta Diversity 

Beta diversity within the intestinal microbiome compares the bacterial 

population in a group of mice at a specific time point to a different time point of 

the same mice [68]. This test establishes how different two populations are from 

one another. Both unweighted (qualitative) and weighted (quantitative) UniFrac 

measurements are reflected in data collection [73]. The unweighted UniFrac 

measure is the distance between two different populations by the fraction of the 

genetic diversity between the two, while a weighted UniFrac measure is more 

specific to the overlap within the two populations [73]. Measuring the beta 
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diversity between two populations is calculated by the fixation index (FST) which 

compares the distance between two communities based on the genetic diversity 

within each community to the total combined genetic diversity of the communities 

[74].  

In this study the beta diversity of the microbiota at the start of the study of 

all mice was determined in timepoint one (purple dots). Comparison of these two 

groups showed the greatest differences prior to the start of the experiment and 

shortly after the mice received treatment. Mice in timepoint one, before the start 

of the treatment had similar microbiota compositions; however, in timepoint two 

after one round of treatment, each group shared different microbiota changes. 

Beta diversity was measured using QIIME 2.0 analysis software. Significance 

level alpha of diversity was set at p-value < 0.05%. 

 

2.5 Taxonomic Analysis of Microbiota Composition  

 Dysbiosis within the microbiota of the intestine plays a large part in the 

pathogenesis of immunological diseases that are influenced by gender 

differences [75]. Dysbiosis is caused due to a reduction of microbiota diversity 

and the loss of beneficial bacteria such as the Bacteroidetes and Firmicutes [75]. 

To determine the differences between male and female mice, the composition of 

the microbiota can be analyzed and classified at phylum level. This would allow 

us to assess the overall effects these differences may exert at the hormonal 

level. Studies have shown that differences in sex-specific hormonal profiles, can 

affect the functions of the gut microbiota [76, 77]. There is also evidence 
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suggesting microorganisms in the gut microbiome may be associated with the 

recirculation of sex steroid hormones including estrogens and androgens [76, 

78]. Sex-specific differences within the phylum level of the intestinal microbiota 

are particularly centered around the Bacteroidetes and Firmicutes phylums as 

they play important roles in the homeostasis of normal intestinal health [79].  

 Bacteroidetes and Firmicutes are the most abundant phylums in the gut 

microbiome [44]. The Bacteroidetes phylum have an impact on dietary effects as 

many of the species in the phylum produce carbohydrate-active enzymes [44, 

80]. The enzymes generated by the Bacteroidetes phylum act as signal peptides 

to degrade glycans that are unable to breech the bacterial cell wall [44]. This 

function is important for many diets, and studies have shown that Bacteroidetes 

phylum are more active in gut microbiomes of obese individuals as compared to 

lean individuals [81]. The Firmicutes phylum consists mostly of gram positive 

organisms as compared to the Bacteroidetes phylum that is mostly composed of 

gram negative organisms [82]. Similar to Bacteroidetes, Firmicutes are also 

involved in the breakdown of carbohydrates and fiber in the diet [82].  

 To determine the changes in microbiota composition, the relative 

abundance of the bacterial phylums were compared between the different 

treatment groups and timepoints of experimentation. When analyzing the data, 

bacterial groups with less than 0.005% amongst all treatment groups were 

removed and determined as non-detectable. Data were analyzed and collected 

using Graphpad Prism software. At the phylum level there were 11 different 
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bacterial groups while at the genus level a total of 52 different species were 

detected.  

 

2.6 Effect of LDP on Tumor Burden and Tumor Microenvironment  

 CRC is associated with multiple factors that promote tumor development 

and disrupt the microenvironment of the intestinal tissue. Mouse models have 

demonstrated the impact of cells in the tumor microenvironment and 

immunological responses on tumor burden [83]. Increases in Regulatory T Cells 

(Treg) and myeloid derived suppressor cells (MDSC) immune cells indicate 

progression of a growing tumor [83-85]. Increased macrophage infiltration into 

the tumor microenvironment correlates to tumor growth [84]. Increases in 

immunosuppressive cells in the tumor microenvironment suggest the need to 

target the suppressive immune cell populations as a means to decrease the 

development of tumor burden [83]. Increased immune cells, indicates elevated 

production of cytokines associated with tumor progression which can further 

influence recruitment of new immune cells to increase tumor burden [86]. 

Transforming growth factor-beta (TGF-β), is a major cytokine that is associated 

with tumor suppression in early and late stages of cancer development and 

triggered by the presence of immunosuppressive cells [86].   

 

2.7 Preparation of Tissue Samples and Staining Procedure 

Tissue was collected from mice at the end of the 18-week experiment and 

fixed using 4% Paraformaldehyde. Tissues were then embedded in 13% 
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acrylamide and ammonium and sectioned using vibratome technology. Sections 

were transferred to a 96 well plate with PBS until ready for staining.  

 Each immune cell group was stained with specific antibody markers to 

detect presence using Confocal Microscopy. Table 2.2 shows the different 

markers associated with each immune cell. All immune cell stains followed the 

same protocol, however cell types with two primary antibodies had a few 

additional steps. For cell types with one primary antibody marker, each tissue 

was washed in PBS/0.01M Glycine/0.1% Triton-X three times for 30 minutes 

each. For an hour the tissues were placed in 5% BSA/PBS and then transferred 

to 5% Normal Donkey Serum (1%BSA/PBS) for another hour. The tissues were 

stained and incubated with the primary antibody (1%BSA/PBS)(1:100) at 37ºC an 

hour and then left to sit overnight. The tissues were washed twice for 15 minutes 

each with 1%BSA/PBS and then placed in 5% Normal Donkey Serum 

(1%BSA/PBS) for one hour. The tissues were then stained and incubated with 

the secondary antibody (1%BSA/PBS)(1:100) at 37ºC for an hour. All samples 

were wrapped in foil from this step on. The tissue samples were washed twice for 

15 minutes each with 1%BSA/PBS. If the immune cell stain has two primary 

antibodies, after this step they are then placed back in 5% Normal Donkey 

Serum for an hour before the second primary antibody is added and the steps 

are followed again. If the immune cell stain has only one primary antibody, they 

are then rinsed with PBS for 15 minutes and then placed on the shaker for two 

hours with Phalloidin (PBS 1:50). The tissues were then rinsed with PBS three 
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times for 15 minutes each and placed in DAPI (PBS 1:5000) on the shaker for 15 

minutes. Finally, the sections were rinsed with PBS and mounted with DABCO.   

 

2.8 Immune Cell Imaging Procedure 

Immune cells were observed using the Zeiss LSM 510 META microscope. 

The images were captured with the Carl Zeiss Laser Scanning Microscope 

LSM510 Version 4.2 software. The microscope was set up by first turning on all 

Laser Diode 405, Argon/2, HeNe1, HeNe2 and the imaging software. The slide 

was placed inside of the microscope and the image was focused. Once the 

image was focused, the image was viewed on the software. A series of 

calibrations were conducted, first setting the parameters with the red channel. 

The pinhole was set to one Airy Unit and the lookup table was selected to 

establish the dynamic range of the image. The detector gain, amplifier offset, and 

laser intensity were adjusted for the best image. Once this was set, the next two 

channels were set by using the same optical slice from the red channel and the 

same measurements were adjusted. Once the channels were set, the lookup 

table was removed, and all three lasers were imaged together for a final image. 

Measurements were adjusted to remove excess noise if present. All sections 

were observed in the 20x water objective and tumor burden was counted as well 

as the immune cells. All images were exported as Tiff files once all the images 

were collected. 
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          Table 2.2 Immune Cell Primary and Secondary Antibody Markers 

 

The number of cells with specific cell surface markers were counted in the 

GraphPad Prism software to analyze the data obtained from immune cell counts, 

using unpaired t-test with Welch’s correction without assuming equal standard 

deviations. Statistical significance was set at p<0.05.
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CHAPTER 3 

RESULTS 

 

3.1 Alpha Diversity  

Analysis of microbiota composition four weeks after LDP, Figure 3.1, 

showed that there was no significant difference in alpha diversity between control 

and LDP treatment male mice, or female mice. While there were no significant 

differences observed, it is important to note that control male groups had a wider 

range of diversity, while the diversity between the microbial population in the LDP 

male microbiota had a consistently higher diversity. The microbial populations 

between the control and LDP female groups both showed high levels of diversity 

after initial treatment. Notable differences between the diversity range are evident 

between males and females in which the female populations have a higher level 

of diversity than that of male groups. 
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Figure 3.1 Analysis of Alpha Diversity Start of Experiment 
(TP1). The figure shows data collected at the start of the 
experiment before LDP treatment. There was no significant 
difference found in the control and LDP males, and not significant 
difference found in control and LDP female groups. 
 

 
After 4 weeks of treatment at timepoint 2, there was no significant difference 

between the male control and LDP-treated mice; however, there is a significant 

difference between the female control and LDP-treated mice with a p-value of 

0.0147, Figure 3.2. The difference in microbiota diversity of male and female mice 

poses an interesting question as to why female mice were more susceptible to 

LDP treatment than the male mice. It is possible that differences in hormones and 

genetic makeup that differ between genders may be associated with this 

observation [1, 75].   

 

 

Figure 3.2 Analysis of Alpha Diversity after first exposure 
(TP2). The figure shows data after the first exposure to LDP 
treatment. There was no significant difference found in the control 
and LDP males, but a significant difference in diversity was found 
between control and LDP female groups.
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At timepoint 5 after 18 weeks of treatment, Figure 3.3, showed that no 

significant differences between control and LDP-treated male and female mice. It 

is important to mention that differences in alpha diversity were observed within 

each population as the mice aged overtime. The female groups were more 

consistent in their microbial populations as compared to alpha diversity observed 

in male mice. LDP treated groups have less diversity within their microbial 

populations and a more expansion within their alpha diversity.  

 

Figure 3.3 Analysis of Alpha Diversity end of experiment (TP5). 
Figure shows data at the end of the study. There was no significant 
difference found in the control and LDP males, and not significant 
difference found in control and LDP female groups. 

 

3.2 Beta Diversity  

 Beta diversity of each treatment group at timepoint one prior to treatment 

and timepoint two after one round of treatment was analyzed using QIIME 2.0. 

The results in Figure 3.4, does not indicate a significant difference in the 

composition of the gut microbiota among treatment groups. The unweighted beta 

diversity demonstrates more clustering of groups in comparison to the weighted 

beta diversity. As expected in timepoint one, beta diversity measurements for all 
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mice are clustered close together, indicating that their microbiotas are similar in 

composition. At timepoint two, mice were treated with LDP, the beta diversity 

values of each group trend towards difference however the differences, did not 

reach a statistical significance. The most significant change among treatment 

groups is the weighted beta diversity between control male and LDP-treated 

males. The distance within both groups indicates changes in the phylum 

composition; however, the composition is not statistically significant to allow 

determination of the difference. A similar trend is apparent in the unweighted 

beta diversity calculated among the control female and LDP-treated female 

groups. It is important to establish both types of data to allow the ability to identify 

relative phylogenetic lineage and the diversity between environments.  

  

Figure 3.4 Analysis of Beta Diversity. Beta diversity graphs show the 
correlation between TP1 and TP2 differences in microbiota compositions in 
all treatment groups. Both unweighted and weighted beta diversity data 
does not show significant differences between TP1 and TP2 for all 
treatment groups. Circled areas indicate TP1 bacteria. 
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3.3 Taxonomic Analysis  

At timepoint one, before the start of LDP exposure, the relative abundance 

or frequency of a bacteria is expressed as the percentage composition of an 

organism relative to the total number of organisms that were analyzed [87].  

Bacteroidetes and Firmicutes were the most abundant phylum’s among each 

treatment group with minimal differences among samples taken at this timepoint, 

Figure 3.5.  Phylum name and species number can be observed in Table 3.1.  

 

Table 3.1 Bacteria Phylum Bergey’s Manual of Systemic Bacteriology 1st  
Edition 
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Figure 3.5 Phylum analysis of microbiota start of experiment 
(TP1). Microbiota graph shows the relative frequency of microbiota 
composition within each treatment group. TP1 shows that each 
treatment group contains a similar composition with minor 
variations prior to treatment. 

 

At timepoint two, after four weeks on LDP, shown in Figure 3.6, there is a 

significant decrease in the Bacteroidetes phylum and an increase in the 

Firmicutes phylum among all groups except for the LDP-treated female mice. 

These findings suggest that in respect to LDP, change in microbiota composition 

are correlated with a decrease in Bacteroidetes and an increase in Firmicutes 

[25, 28]. The data suggest that there are different compositional changes 

between Bacteroidetes and Firmicutes from timepoint one, Figure 3.5, and 
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timepoint two, Figure 3.6. It is important to note that as the mice mature 

overtime, the composition of the microbiota naturally changes in response to 

environmental factors and drug exposure. Among all treatment groups in Figure 

3.6, the LDP-treated male and control female mice showed significant decreases 

in the Bacteroidetes phylum and increases in Firmicutes phylum. The exact 

reason is not known; however, it is possible that hormonal differences between 

gender might be the underlying cause [76]. The loss of Planctomycetes and 

emergence of an undetectable but different bacterial phylum (yellow) in timepoint 

two, suggests that the composition of the microbiome has been altered to 

introduce new species. Although the microbiome changes overtime, the loss of a 

species and emergence of a new species can be detrimental to the overall health 

and well-being of the mouse. Interestingly enough certain species that are lost 

may never return as shown in Figure 3.7, where Planctomycete phylum is not 

observed to re-establish itself in the microbiota. 
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Figure 3.6 Phylum analysis of microbiota after first exposure 
(TP2). Microbiota graph shows the relative frequency of microbiota 
composition within each treatment group. TP2 shows the changes 
within treatment groups after the first administration of LDP. 
Changes are evident in both control groups and LDP male groups; 
however minimal changes are observed in LDP female groups.  

 

 At the end of the 18-week experiment, timepoint five, analysis of fecal 

microbiota showed an increase in Bacteroidetes phylum as shown in Figure 3.7. 

The resurgence of the Bacteroidetes phylum in the LDP-treated male mice 

suggests that the microbiome adopts to the environmental changes and re-

establishes its ability to fight pathogens. The most striking observation in 
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microbiota composition at timepoint five is the continued loss of the 

Planctomycete phylum that was observed in timepoint one prior to treatment 

Figure 3.5, the loss of the unidentified phylum from timepoint two, after first 

exposure, Figure 3.6, and the loss of the Verrucomicrobia phylum in timepoint 

five, at the end of treatment, Figure 3.7. Overtime, the gut microbiota was altered 

as the mice matured, however the introduction of environmental stressors such 

as LDP, have contributed to a decrease in the diversity among the groups that 

were exposed to LDP.  

 

 

 

Figure 3.7 Phylum analysis of microbiota end of experiment 
(TP5). Microbiota graph shows the relative frequency of microbiota 
composition within each treatment group. TP5 shows the microbiota 
composition at the end of the 18-week experiment between all 
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treatment groups. It is evident that each treatment group has a 
balanced microbiota composition like that in TP1 but with less 
diversity.  

 

To further demonstrate this point, analysis of the gut microbiota 

composition at the genus level provided more insight on the various changes 

associated with the gain and loss of bacterial species. Analysis of each phylum 

showed that there are more strains of bacteria that belong to the Proteobacteria 

phylum (16) than those that belong to Bacteroidetes (8) or Firmicutes (10) 

phylum in timepoint one, Figure 3.8. Although analysis based on phylum 

comparisons alone showed that the Bacteroidetes and Firmicutes were more 

abundant, analysis at the genus level showed that there are more identifiable 

classifications within the microbiota. For timepoint one, Figure 3.8, all treatment 

groups show similar composition with high diversity.  
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Figure 3.8 Analysis of genus level start of experiment (TP1). 
Microbiota graph shows the relative frequency of microbiota 
composition at the genus level within each treatment group. TP1 
shows that each treatment group contains a similar composition 
with minor variations prior to treatment. 
 

At timepoint two, after exposure to LDP, the data in Figure 3.9, shows that 

the microbiota strains among all treatment groups began to lose diversity as the 

Proteobacteria phylum reduced to twelve species, Bacteroidetes remained at 

eight species and Firmicutes remained at ten species. The Proteobacteria 

phylum is known to increase in inflammation within the gut microenvironment as 

shown in mouse models of colitis [88-90]. The decrease in species within 

Proteobacteria phylum suggests that exposure to LDP has adverse effects on the 

capability of the Proteobacteria to clear infection [91]. Among the treatment 
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groups in Figure 3.9, both male and female LDP-treated mice have less diversity 

among species as compared to that in timepoint one in Figure 3.8. In both 

control male and female groups the relative diversity is maintained, indicating 

that the initial administration of LDP greatly influenced the composition of the 

microbiota.  
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Figure 3.9 Analysis of genus level after first exposure (TP2).Microbiota      
graph shows the relative frequency of microbiota composition at the genus 
level within each treatment group. TP2 shows the changes within treatment 
groups after the first administration of LDP. Minimal changes are evident in 
all treatment groups; however, changes within the diversity of composition 
are evident. 

 

At the end of the study in timepoint five, Figure 3.10, the composition of 

Proteobacteria phylum has decreased to six species, Bacteroidetes remained 

with eight species, while Firmicutes also remained at ten species which can be 

shown in Figure 3.11. Each treatment group had similar bacterial composition, 

however both LDP-treated male and female mice continued to have less diversity 

than the control male and female groups. The persistence of Bacteroidetes and 
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Firmicutes phylum species is consistent with the abundance of these species 

within normal gut microbiota [44]. 
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Figure 3.10 Analysis of genus level end of experiment (TP5). 
Microbiota graph shows the relative frequency of microbiota composition 
at the genus level within each treatment group. TP5 shows the microbiota 
composition at the end of the 18-week experiment between all treatment 
groups. It is evident that each treatment group has a balanced microbiota 
composition like that in TP1 but with less diversity. Each group has a 
similar composition as well indicating no significant difference in the 
administration of LDP.  

 
 

 
 

Figure 3.11 Major Phylum in Response to LDP Exposure. This figure 
shows how over the three timepoints from timepoint 1 (prior to LDP 
exposure), timepoint 2 (beginning of LDP exposure), and timepoint 5 (end of 
18-week exposure). Bacteroidetes and Firmicutes maintain the same number 
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of species throughout the exposure, while Proteobacteria significantly 
decreases in bacterial species composition overtime. In all groups, bacterial 
species are introduced and removed overtime.  

 
 
3.4 Results of Immune Cell Analysis in the Tumor Microenvironment 

Figure 3.12 shows the tumor burden between all tumor development 

within mice groups as well as a comparison between male and female tumor 

development. While there was not a significant difference on overall tumor 

burden for all mice groups, it is evident that the tumor burden significantly 

increased among the ApcMin/+ LDP-treated and control female mice. The increase 

in development of tumor burden may be associated to the Apc mutation found in 

these mice as it is a predisposition to the development of colorectal cancer as 

discussed earlier. The LDP-treated and control male mice have similar trends 

toward increase however, gender differences may be associated with the 

development between male and female. This data suggests that ApcMin/+ female 

mice predisposed to colorectal cancer development when exposed to LDP, are 

more susceptible to tumor development.  

 Figure 3.13 shows the overall immune cell count among the different 

treatment groups. As expected, we found trends towards increased immune cell 

infiltration among the LDP-treated (female and male) mice except in leukocyte 

cell number for female mice as compared to control female mice. Significant 

difference was detected in the mast cells populations between LDP and control 

male mice, indicating a major increase in the mast cell population. Differences in 

mast cell significance between male and female mice, may be contributed to 

gender differences and dosage of penicillin. Increase in immune cells overall, in 
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the LDP-treated mice suggests an increased trend of inflammation in the 

intestinal environment in response to LDP treatment. As previously discussed, an 

increase in MDSCs, Tregs, and macrophages, indicate the presence of disease, 

inflammation within the colon tissue [47, 54]. The data suggest that treatment 

with LDP at a young age can lead to increased intestinal inflammation [28, 40, 

92] that can subsequently be linked to increased tumor development in a ApcMin/+ 

mice. The leukocyte immune cells collected within this study can be observed in 

Figure 3.14 to represent the trend in difference between the LDP-treated and 

control female mice. 
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Figure 3.12 Tumor Burden between LDP-treated and Control Mice. 
The figure shows that there was no significant difference between the size 
of tumor development in all mice groups; however, there was a significant 
increase in tumor burden among LDP-treated and control female mice 
groups.  
 
 
 

 
 
 

Figure 3.13 Immune Cell Analysis. Major immune cells investigated for 
the experimental design of this project include, mast, leukocyte, 
macrophage, Treg, and MDSC. Within each cell count group excluding 
mast cells for male groups, no significant difference was detected; 
however, there are visual comparisons to be made between different cell 
count group
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Figure 3.14 Leukocyte Immune Cells. Male mice control groups (A), 
male mice LDP-treated group (B), female control group (C), female LDP-
treated group (D). This image shows a trend towards significant difference 
between the LDP-treated and control female mice. 
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CHAPTER 4 

CONCLUSIONS 

6.1 Conclusion 

The use of antibiotics has resulted in revolutionary advancements in our 

ability to treat infectious diseases; however, their overuse poses a major threat to 

the human population in terms of acquired resistance and their long-term effects 

on the microbiome [24]. There is considerable evidence that shows a correlation 

between short-term exposure to antibiotics and resistance of organisms within 

microbial populations in the intestine [32]. Extended exposure and overuse of 

antibiotics may have the potential to inflict mutations and genetic changes within 

the microbiome causing bacteria to become resistant to the drugs resulting in an 

increase in the rate of infection [24, 28, 93]. Compelling evidence demonstrates 

that the administration of LDP to mice one week before birth until weaning results 

in increased weight and fat mass in their adult life; however, the intestinal 

microenvironment returned to a normal state four weeks after antibiotic 

withdrawal [28, 40, 92]. LDP administered at the early stages of weaning in these 

mouse models exhibited long term affects in the function and viability of the pups 

in their adult life [28]. Increasing the dosage period of LDP beyond a four-week 

time frame may demonstrate a persistent change in gut microbiome composition, 

which is the primary focus of this study. 
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Our data suggest that there are some significant differences between 

early and late stages of LDP exposure among the microenvironment; however, 

tumor burden was significantly increased among female LDP-treated mice. It was 

hypothesized that exposure to low dose penicillin in early life disrupts the 

microbiota composition, and increases inflammation in the colon, resulting in 

increased tumor burden. Although not all changes were significant, there were 

other changes that may explain these observations.  

A significant difference was detected in the alpha diversity before and after 

LDP-treatment for timepoint one or timepoint two between female control and 

LDP-treated mice indicating that LDP alters the gut microbiota within the initial 

exposure period. This is consistent with findings found in a study conducted by 

Boursi et. al where an increased risk of CRC occurred with an increased dose of 

penicillin in human epidemiological studies [94]. The study suggests that initial 

use of penicillin >10 years prior to diagnosis correlated with CRC patients as 

compared to those who were not exposed. While there was a significant 

correlation to penicillin exposure and increased changes to intestinal bacteria 

diversity in the study by Boursi et al, this study showed that LDP did not greatly 

impact tumor burden except in female mice. These results suggest that the lower 

concentrations of penicillin may not have as much effect as higher concentrations 

of penicillin, as compared to chronic exposure, resulting in low effects on 

microbiota composition.  

Beta diversity within the intestinal microbiota showed trends toward 

significant difference between the start of the study prior to LDP exposure and 
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the first exposure to LDP. Evident changes among the beta diversity were 

observed Figure 3.4, after the start of LDP exposure as the timepoint two 

microbiota analysis for each mice group begin to spread from one another 

indicating difference. The gradual increase in difference among the absence and 

initiation of LDP exposure could be correlated to the low dose of penicillin and 

may have more significant changes if a higher dose was administered. 

 Similar findings within the intestinal microbiota compositional changes 

from timepoint 1, 2, and 5, indicate that the first dosing of LDP has minimal 

effects that disrupt the microbiota, but the change in composition returns to a 

balanced state similar to timepoint. The return of bacteria within the microbiota 

environment is a complex process in which the bacteria use genes known as 

resistomes to maintain their species and return after disruption occurs [95]. This 

is extremely important for the health and integrity of the gut microbiota and 

ensures that these bacteria are not lost; however, if long term exposure occurs, 

antibiotic resistance may cause changes in the bacterial resistance [96, 97]. This 

phenomenon has been proven in other studies showing the difference in 

microbiota compositions of antibiotic treated mice versus untreated with 

increasing numbers of Firmicutes and Bacteroidetes, which in turn lowers the 

diversity of the microbiome further [33, 39]. Treatment with the LDP in the mice 

significantly decreased the diversity of the microbiota in the early stages of 

treatment and changed composition of the bacteria after antibiotics were 

administered and returned to normal states following short term exposure [39]. 

Investigation of these changes is important for the long-term effects on the 
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overall health of an individual, whether certain types of bacteria are more 

beneficial in protection than others.  

Among the many immune cells analyzed in this study, mast cells show a 

significant correlation between male LDP exposed and control groups. The 

correlation of mast cell increase in male LDP groups may be associated with 

hormonal differences between male and female; however, the direct cause is 

unknown.  

Among female LDP-treated mice, tumor burden was significantly 

increased as compared to those that were not exposed to LDP. While there were 

increases in all mice, the most significant increases were among the female LDP-

treated mice. Increases in tumor burden among female mice suggest that LDP 

exposure has altering effects within the intestinal environment and may be 

associated with gender involving hormone differences. The data suggest that 

administering antibiotics, even at low doses, increases tumor burden within 

female ApcMin/+ mice predisposed to colorectal cancer development. LDP water 

treatment resulted in decreased diversity as shown in Figure 3.11 this is 

important and emphasizes that there are problems inherent with even low doses 

of penicillin. 

Disruption to gut microbiota and other adverse effects due to LDP and 

antibiotic exposure has been shown in many studies [25, 28, 31, 45], but the 

mice did not have mutations such as the Apc gene that predisposed them to 

colorectal cancer development; therefore, our results suggest that in addition to 
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administration of LDP, mutations for CRC enhance the overall effect of the 

intestinal microbiota.  

 

6.2 Limitations  

 It is difficult to control the amount of water each mouse consumes and 

therefore it is difficult to determine the exact dose of LDP each mouse consumed 

daily. This limitation may be the result in low significance in some groups of mice. 

Increasing the dose of penicillin in the water or using direct injection of penicillin 

to further control the dosing, may well result in increased significance. Injecting 

the antibiotic directly is a more controlled and measured direction of study and 

could present more accurate results.  

 It is evident that the microbiota composition in the intestine does change 

after the first administration of antibiotic and returns to a balanced composition at 

the end of the study; however, determining at what point the microbiota 

composition returns to a state of balance has not been determined. To 

investigate this question, all time point fecal samples would need to be analyzed, 

but this becomes costly and not related to the hypothesis in question.  

 

6.3 Future Directions 

Future directions for experiments include, increasing the dosage of 

penicillin from a low 2 mg/ml to a higher dose, extending the periods of antibiotic 

exposure with higher concentration, and the investigation of different types of 

antibiotics.  
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Increasing the dosage of penicillin, administered in the water or by 

injection, may have altering results compared to the lower dose of penicillin in 

this study. The changes within the microbiota composition and immune cell 

populations found in this study suggest that a higher dosage of penicillin may 

have more of an effect on tumor burden and further changes in the microbiota 

composition. 

It is evident that at 18-weeks at the close of the study, the microbiota 

composition returned to a state similar to TP1. Therefore, increasing the length of 

time for LDP exposure is not sufficient to see different results, but with a higher 

dosage, results may be more significant. Conducting this study with the use of 

different antibiotics at higher concentrations would not only show differing 

outcomes but would provide insight into the effect of different types of antibiotics 

and association to tumor burden in the colon.  

Overall, this study shows the correlation of inflammation, tumor burden, 

and disruption of intestinal microbiota composition in response to LDP exposure 

indicating an increase in tumor burden among mice predisposed to colorectal 

cancer development.  



 
 

47 

REFERENCES 

 

1. Siegel, R.L., et al., Colorectal cancer statistics, 2020. CA Cancer J Clin, 2020. 70(3): 
p. 145-164. 

2. Carethers, J.M. and C.A. Doubeni, Causes of Socioeconomic Disparities in 
Colorectal Cancer and Intervention Framework and Strategies. Gastroenterology, 
2020. 158(2): p. 354-367. 

3. Doubeni, C.A., et al., Socioeconomic status and the risk of colorectal cancer: an 
analysis of more than a half million adults in the National Institutes of Health-
AARP Diet and Health Study. Cancer, 2012. 118(14): p. 3636-44. 

4. Fedewa, S.A., et al., Racial and Ethnic Disparities in Interval Colorectal Cancer 
Incidence: A Population-Based Cohort Study. Ann Intern Med, 2017. 166(12): p. 
857-866. 

5. McMahon, B.J., et al., The diagnosis and treatment of Helicobacter pylori 
infection in Arctic regions with a high prevalence of infection: Expert 
Commentary. Epidemiol Infect, 2016. 144(2): p. 225-33. 

6. Berkowitz, Z., et al., Multilevel Small-Area Estimation of Colorectal Cancer 
Screening in the United States. Cancer Epidemiol Biomarkers Prev, 2018. 27(3): p. 
245-253. 

7. Xi, Y. and P. Xu, Global colorectal cancer burden in 2020 and projections to 2040. 
Transl Oncol, 2021. 14(10): p. 101174. 

8. Keum, N. and E. Giovannucci, Global burden of colorectal cancer: emerging 
trends, risk factors and prevention strategies. Nat Rev Gastroenterol Hepatol, 
2019. 16(12): p. 713-732. 

9. Jasperson, K.W., et al., Hereditary and familial colon cancer. Gastroenterology, 
2010. 138(6): p. 2044-58. 

10. Schmid, D. and M.F. Leitzmann, Television viewing and time spent sedentary in 
relation to cancer risk: a meta-analysis. J Natl Cancer Inst, 2014. 106(7). 

11. Ruiz-Casado, A., et al., Exercise and the Hallmarks of Cancer. Trends Cancer, 
2017. 3(6): p. 423-441. 

12. Rawla, P., T. Sunkara, and A. Barsouk, Epidemiology of colorectal cancer: 
incidence, mortality, survival, and risk factors. Prz Gastroenterol, 2019. 14(2): p. 
89-103. 

13. Bray, F., et al., Global cancer statistics 2018: GLOBOCAN estimates of incidence 
and mortality worldwide for 36 cancers in 185 countries. CA Cancer J Clin, 2018. 
68(6): p. 394-424.



 
 

48 

 
14. Altieri, M.S., et al., Incidence of colon resections is increasing in the younger 

populations: should an early initiation of colon cancer screening be 
implemented? Surg Endosc, 2021. 35(7): p. 3636-3641. 

15. Siegel, R.L., et al., Colorectal cancer statistics, 2017. CA Cancer J Clin, 2017. 67(3): 
p. 177-193. 

16. Shaukat, A., et al., ACG Clinical Guidelines: Colorectal Cancer Screening 2021. Am 
J Gastroenterol, 2021. 116(3): p. 458-479. 

17. Wolf, A.M.D., et al., Colorectal cancer screening for average-risk adults: 2018 
guideline update from the American Cancer Society. CA Cancer J Clin, 2018. 
68(4): p. 250-281. 

18. Siegel, R.L., et al., Colorectal Cancer Incidence Patterns in the United States, 
1974-2013. J Natl Cancer Inst, 2017. 109(8). 

19. Abdelsattar, Z.M., et al., Colorectal cancer outcomes and treatment patterns in 
patients too young for average-risk screening. Cancer, 2016. 122(6): p. 929-34. 

20. Zauber, A.G., et al., Colonoscopic polypectomy and long-term prevention of 
colorectal-cancer deaths. N Engl J Med, 2012. 366(8): p. 687-96. 

21. Weinberg, B.A. and J.L. Marshall, Colon Cancer in Young Adults: Trends and Their 
Implications. Curr Oncol Rep, 2019. 21(1): p. 3. 

22. Xue, K., et al., Body mass index and the risk of cancer in women compared with 
men: a meta-analysis of prospective cohort studies. Eur J Cancer Prev, 2017. 
26(1): p. 94-105. 

23. Yang, L., et al., Proximal shift of colorectal cancer with increasing age in different 
ethnicities. Cancer Manag Res, 2018. 10: p. 2663-2673. 

24. Ben, Y., et al., Human health risk assessment of antibiotic resistance associated 
with antibiotic residues in the environment: A review. Environ Res, 2019. 169: p. 
483-493. 

25. Roubaud-Baudron, C., et al., Long-Term Effects of Early-Life Antibiotic Exposure 
on Resistance to Subsequent Bacterial Infection. mBio, 2019. 10(6). 

26. Ashbolt, N.J., et al., Human Health Risk Assessment (HHRA) for environmental 
development and transfer of antibiotic resistance. Environ Health Perspect, 2013. 
121(9): p. 993-1001. 

27. Ji, K., et al., Influence of water and food consumption on inadvertent antibiotics 
intake among general population. Environ Res, 2010. 110(7): p. 641-9. 

28. Cox, L.M., et al., Altering the intestinal microbiota during a critical developmental 
window has lasting metabolic consequences. Cell, 2014. 158(4): p. 705-721. 

29. Donoghue, D.J., Antibiotic residues in poultry tissues and eggs: human health 
concerns? Poult Sci, 2003. 82(4): p. 618-21. 

30. Laxminarayan, R., et al., Antibiotic resistance-the need for global solutions. 
Lancet Infect Dis, 2013. 13(12): p. 1057-98. 

31. Volkova, A., et al., Effects of early-life penicillin exposure on the gut microbiome 
and frontal cortex and amygdala gene expression. iScience, 2021. 24(7): p. 
102797. 



 
 

49 

32. Blaser, M.J., Who are we? Indigenous microbes and the ecology of human 
diseases. EMBO Rep, 2006. 7(10): p. 956-60. 

33. Neuman, H., et al., Antibiotics in early life: dysbiosis and the damage done. FEMS 
Microbiol Rev, 2018. 42(4): p. 489-499. 

34. Chai, G., et al., Trends of outpatient prescription drug utilization in US children, 
2002-2010. Pediatrics, 2012. 130(1): p. 23-31. 

35. Hicks, L.A., T.H. Taylor, Jr., and R.J. Hunkler, U.S. outpatient antibiotic prescribing, 
2010. N Engl J Med, 2013. 368(15): p. 1461-2. 

36. Hersh, A.L., et al., Principles of judicious antibiotic prescribing for upper 
respiratory tract infections in pediatrics. Pediatrics, 2013. 132(6): p. 1146-54. 

37. Lieber, A.D., et al., Loss of HDAC6 alters gut microbiota and worsens obesity. 
FASEB J, 2019. 33(1): p. 1098-1109. 

38. Schulfer, A.F., et al., Intergenerational transfer of antibiotic-perturbed microbiota 
enhances colitis in susceptible mice. Nat Microbiol, 2018. 3(2): p. 234-242. 

39. Cho, I., et al., Antibiotics in early life alter the murine colonic microbiome and 
adiposity. Nature, 2012. 488(7413): p. 621-6. 

40. Leclercq, S., et al., Low-dose penicillin in early life induces long-term changes in 
murine gut microbiota, brain cytokines and behavior. Nat Commun, 2017. 8: p. 
15062. 

41. Koenig, J.E., et al., Succession of microbial consortia in the developing infant gut 
microbiome. Proc Natl Acad Sci U S A, 2011. 108 Suppl 1: p. 4578-85. 

42. Jernberg, C., et al., Long-term impacts of antibiotic exposure on the human 
intestinal microbiota. Microbiology (Reading), 2010. 156(Pt 11): p. 3216-3223. 

43. Arumugam, M., et al., Enterotypes of the human gut microbiome. Nature, 2011. 
473(7346): p. 174-80. 

44. Johnson, E.L., et al., Microbiome and metabolic disease: revisiting the bacterial 
phylum Bacteroidetes. J Mol Med (Berl), 2017. 95(1): p. 1-8. 

45. Blaser, M.J., Antibiotic use and its consequences for the normal microbiome. 
Science, 2016. 352(6285): p. 544-5. 

46. Perez-Cobas, A.E., et al., Gut microbiota disturbance during antibiotic therapy: a 
multi-omic approach. Gut, 2013. 62(11): p. 1591-601. 

47. Zhou, Z., et al., Fusobacterium and Colorectal Cancer. Front Oncol, 2018. 8: p. 
371. 

48. Mira, A., et al., Evolutionary relationships of Fusobacterium nucleatum based on 
phylogenetic analysis and comparative genomics. BMC Evol Biol, 2004. 4: p. 50. 

49. Griffen, A.L., et al., Distinct and complex bacterial profiles in human periodontitis 
and health revealed by 16S pyrosequencing. ISME J, 2012. 6(6): p. 1176-85. 

50. Kostic, A.D., et al., Genomic analysis identifies association of Fusobacterium with 
colorectal carcinoma. Genome Res, 2012. 22(2): p. 292-8. 

51. Kwong, T.N.Y., et al., Association Between Bacteremia From Specific Microbes 
and Subsequent Diagnosis of Colorectal Cancer. Gastroenterology, 2018. 155(2): 
p. 383-390 e8. 

52. Hoebe, K., E. Janssen, and B. Beutler, The interface between innate and adaptive 
immunity. Nat Immunol, 2004. 5(10): p. 971-4. 



 
 

50 

53. Lichtenstern, C.R., et al., Immunotherapy, Inflammation and Colorectal Cancer. 
Cells, 2020. 9(3). 

54. Sato, E., et al., Intraepithelial CD8+ tumor-infiltrating lymphocytes and a high 
CD8+/regulatory T cell ratio are associated with favorable prognosis in ovarian 
cancer. Proc Natl Acad Sci U S A, 2005. 102(51): p. 18538-43. 

55. Gabrilovich, D.I., S. Ostrand-Rosenberg, and V. Bronte, Coordinated regulation of 
myeloid cells by tumours. Nat Rev Immunol, 2012. 12(4): p. 253-68. 

56. Allen-Vercoe, E. and C. Jobin, Fusobacterium and Enterobacteriaceae: important 
players for CRC? Immunol Lett, 2014. 162(2 Pt A): p. 54-61. 

57. Shawki, S., et al., Colon Cancer: Inflammation-Associated Cancer. Surg Oncol Clin 
N Am, 2018. 27(2): p. 269-287. 

58. Eaden, J.A., K.R. Abrams, and J.F. Mayberry, The risk of colorectal cancer in 
ulcerative colitis: a meta-analysis. Gut, 2001. 48(4): p. 526-35. 

59. Rutter, M.D., et al., Thirty-year analysis of a colonoscopic surveillance program 
for neoplasia in ulcerative colitis. Gastroenterology, 2006. 130(4): p. 1030-8. 

60. Jess, T., et al., Risk of intestinal cancer in inflammatory bowel disease: a 
population-based study from olmsted county, Minnesota. Gastroenterology, 
2006. 130(4): p. 1039-46. 

61. Derikx, L., et al., Risk of Neoplasia After Colectomy in Patients With Inflammatory 
Bowel Disease: A Systematic Review and Meta-analysis. Clin Gastroenterol 
Hepatol, 2016. 14(6): p. 798-806 e20. 

62. Connelly, T.M. and W.A. Koltun, The surgical treatment of inflammatory bowel 
disease-associated dysplasia. Expert Rev Gastroenterol Hepatol, 2013. 7(4): p. 
307-21; quiz 322. 

63. Fodde, R., The APC gene in colorectal cancer. Eur J Cancer, 2002. 38(7): p. 867-
71. 

64. McCart, A.E., N.K. Vickaryous, and A. Silver, Apc mice: models, modifiers and 
mutants. Pathol Res Pract, 2008. 204(7): p. 479-90. 

65. Su, L.K., et al., Multiple intestinal neoplasia caused by a mutation in the murine 
homolog of the APC gene. Science, 1992. 256(5057): p. 668-70. 

66. Moser, A.R., H.C. Pitot, and W.F. Dove, A dominant mutation that predisposes to 
multiple intestinal neoplasia in the mouse. Science, 1990. 247(4940): p. 322-4. 

67. He, X.T., et al., [Residues and health risk assessment of sulfonamides in sediment 
and fish from typical marine aquaculture regions of Guangdong Province, China]. 
Huan Jing Ke Xue, 2014. 35(7): p. 2728-35. 

68. Liu, Y.X., et al., A practical guide to amplicon and metagenomic analysis of 
microbiome data. Protein Cell, 2021. 12(5): p. 315-330. 

69. Hopkins, M.J., R. Sharp, and G.T. Macfarlane, Variation in human intestinal 
microbiota with age. Dig Liver Dis, 2002. 34 Suppl 2: p. S12-8. 

70. Yatsunenko, T., et al., Human gut microbiome viewed across age and geography. 
Nature, 2012. 486(7402): p. 222-7. 

71. de la Cuesta-Zuluaga, J., et al., Age- and Sex-Dependent Patterns of Gut Microbial 
Diversity in Human Adults. mSystems, 2019. 4(4). 



 
 

51 

72. Maffei, V.J., et al., Biological Aging and the Human Gut Microbiota. J Gerontol A 
Biol Sci Med Sci, 2017. 72(11): p. 1474-1482. 

73. Lozupone, C.A., et al., Quantitative and qualitative beta diversity measures lead 
to different insights into factors that structure microbial communities. Appl 
Environ Microbiol, 2007. 73(5): p. 1576-85. 

74. Martin, A.P., Phylogenetic approaches for describing and comparing the diversity 
of microbial communities. Appl Environ Microbiol, 2002. 68(8): p. 3673-82. 

75. Elderman, M., et al., Sex and strain dependent differences in mucosal 
immunology and microbiota composition in mice. Biol Sex Differ, 2018. 9(1): p. 
26. 

76. Koliada, A., et al., Sex differences in the phylum-level human gut microbiota 
composition. BMC Microbiol, 2021. 21(1): p. 131. 

77. Neuman, H., et al., Microbial endocrinology: the interplay between the 
microbiota and the endocrine system. FEMS Microbiol Rev, 2015. 39(4): p. 509-
21. 

78. Cross, T.L., K. Kasahara, and F.E. Rey, Sexual dimorphism of cardiometabolic 
dysfunction: Gut microbiome in the play? Mol Metab, 2018. 15: p. 70-81. 

79. Indiani, C., et al., Childhood Obesity and Firmicutes/Bacteroidetes Ratio in the 
Gut Microbiota: A Systematic Review. Child Obes, 2018. 14(8): p. 501-509. 

80. El Kaoutari, A., et al., The abundance and variety of carbohydrate-active enzymes 
in the human gut microbiota. Nat Rev Microbiol, 2013. 11(7): p. 497-504. 

81. Kolmeder, C.A., et al., Colonic metaproteomic signatures of active bacteria and 
the host in obesity. Proteomics, 2015. 15(20): p. 3544-52. 

82. John, G.K. and G.E. Mullin, The Gut Microbiome and Obesity. Curr Oncol Rep, 
2016. 18(7): p. 45. 

83. Kim, S.I., C.R. Cassella, and K.T. Byrne, Tumor Burden and Immunotherapy: 
Impact on Immune Infiltration and Therapeutic Outcomes. Front Immunol, 2020. 
11: p. 629722. 

84. Clark, C.E., et al., Dynamics of the immune reaction to pancreatic cancer from 
inception to invasion. Cancer Res, 2007. 67(19): p. 9518-27. 

85. Shabaneh, T.B., et al., Oncogenic BRAF(V600E) Governs Regulatory T-cell 
Recruitment during Melanoma Tumorigenesis. Cancer Res, 2018. 78(17): p. 5038-
5049. 

86. Colak, S. and P. Ten Dijke, Targeting TGF-beta Signaling in Cancer. Trends Cancer, 
2017. 3(1): p. 56-71. 

87. Gunathilake, M.N., et al., Author Correction: Association between the relative 
abundance of gastric microbiota and the risk of gastric cancer: a case-control 
study. Sci Rep, 2021. 11(1): p. 21669. 

88. Rizzatti, G., et al., Proteobacteria: A Common Factor in Human Diseases. Biomed 
Res Int, 2017. 2017: p. 9351507. 

89. Liu, Q. and C.H. Kim, Control of Tissue-Resident Invariant NKT Cells by Vitamin A 
Metabolites and P2X7-Mediated Cell Death. J Immunol, 2019. 203(5): p. 1189-
1197. 



 
 

52 

90. Munoz, S., et al., Rebooting the microbiome. Gut Microbes, 2016. 7(4): p. 353-
363. 

91. Huurre, A., et al., Mode of delivery - effects on gut microbiota and humoral 
immunity. Neonatology, 2008. 93(4): p. 236-40. 

92. Champagne-Jorgensen, K., et al., Prenatal low-dose penicillin results in long-term 
sex-specific changes to murine behaviour, immune regulation, and gut 
microbiota. Brain Behav Immun, 2020. 84: p. 154-163. 

93. Martinez, J.L., The role of natural environments in the evolution of resistance 
traits in pathogenic bacteria. Proc Biol Sci, 2009. 276(1667): p. 2521-30. 

94. Boursi, B., et al., Impact of antibiotic exposure on the risk of colorectal cancer. 
Pharmacoepidemiol Drug Saf, 2015. 24(5): p. 534-42. 

95. Gibson, M.K., T.S. Crofts, and G. Dantas, Antibiotics and the developing infant gut 
microbiota and resistome. Curr Opin Microbiol, 2015. 27: p. 51-6. 

96. Jernberg, C., et al., Long-term ecological impacts of antibiotic administration on 
the human intestinal microbiota. ISME J, 2007. 1(1): p. 56-66. 

97. Lofmark, S., et al., Clindamycin-induced enrichment and long-term persistence of 
resistant Bacteroides spp. and resistance genes. J Antimicrob Chemother, 2006. 
58(6): p. 1160-7. 

 


	The Effect of Low Dose Penicillin on Tumor Development in ApcMin/+ Mice
	Recommended Citation

	tmp.1655930144.pdf.oVDLT

