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ABSTRACT 

 Benthic microalgae (BMA) play essential roles in food webs and regulating 

nutrient exchange at the sediment-water interface in continental shelf ecosystems. 

However, shelf BMA are not widely studied due to the difficulties sampling the upper 

few millimeters of shelf sediments. A few published studies have highlighted the high 

spatiotemporal distribution of BMA, but detailed explanations for this known variability 

are limited. The objectives of this study were to quantify BMA biomass variability on 

scales of cm to km and relate these measurements to in situ nutrient concentrations, 

sediment grain size, in situ irradiance, depth, and other environmental factors. Water and 

sediment samples for BMA and porewater nutrient analyses were collected by SCUBA 

divers on 11 nearshore cruises in 2018-2020 off Charleston, SC. BMA accounted for over 

half of total microalgal chlorophyll a, with BMA biomass reaching as high as 10 times 

that of phytoplankton in the overlying waters. High variability in BMA biomass was 

observed between and within sites, indicating BMA are likely influenced by small-scale 

(<1 m) environmental differences. BMA biomass was positively correlated with 

percentage of fine grain sediments, but not with dissolved inorganic nitrogen (DIN) 

concentrations in either the water column, porewater, or submarine groundwater. 

However, porewater DIN was much higher than in the water column, suggesting that 

higher BMA biomass may be more dependent on N from the sediments rather than the 

overlying waters. Understanding how BMA vary spatially can be useful for making 
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larger generalizations about BMA distribution over continental shelves and for modeling 

BMA biomass, production, and contribution to both benthic and pelagic food webs. 
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CHAPTER 1 

INTRODUCTION 

Benthic microalgae (BMA) play a critical role in continental shelf ecology and 

benthic biogeochemistry. As a substantial contributor to total primary productivity 

(Cahoon & Cooke 1992; Jahnke et al., 2000; Cesbron et al., 2019) and total chlorophyll a 

(chl a) in the surface sediments of continental shelves (Cahoon & Cooke 1992; Nelson et 

al. 1999; Jahnke et al. 2000; Grippo et al. 2010), BMA are significant sources of organic 

carbon for both benthic and pelagic consumers (Kang et al. 2003; Mallin et al. 2005; 

Chouvelon et al. 2015). Additionally, BMA influence nutrient and oxygen exchange at 

the sediment-water interface (Jahnke et al. 2000; Reay et al. 1995; Sundbäck et al. 1991; 

Sundbäck et al. 2004). Despite BMA importance in shallow shelf sediments, detailed 

studies of shelf BMA have been hindered by difficulties collecting sediment samples with 

the undisturbed microlayer that contains the bulk of photosynthetically active BMA. 

Phytoplankton chl a measurements are more easily collected, and relative changes in 

surface chl a can be obtained through satellites that measure ocean-color. By contrast, 

sediment chl a requires more labor-intensive sampling, and productivity measurements to 

this point are mostly made through in situ benthic chambers. While several studies have 

shown the importance and contribution of BMA to shelf microalgal biomass, most are 
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limited by adequate replication, large spatiotemporal scales, and precise sampling of the 

upper few mm of intact sediment surface microlayers. 

In the South Atlantic Bight (SAB) continental shelf region, which extends from 

Cape Hatteras, NC, to West Palm Beach, FL, BMA biomass often exceeds that of 

integrated phytoplankton on an areal basis, with BMA accounting for up to 80% of total 

chl a and benthic primary production over 84% of the shelf area (Cahoon & Cooke 1992; 

Jahnke et al. 2000; Nelson et al. 1999). As a sandy, sedimentary shelf, the SAB is 

representative of an estimated 70% of global continental margins (Emery 1968), making 

conclusions drawn from studies of this shelf comparable to other temperate, sandy 

shelves worldwide. 

Sediments are a very heterogeneous environment, with widely varied conditions 

only millimeters apart (Anderson & Meadows 1978; Marinelli et al. 1998; Pischedda et 

al. 2008). Given this, it is likely that BMA exhibit as much variance within a site, in a 

scale of only several cm, as between sites, on a scale as large as several km. Previous 

studies have shown that BMA biomass is highly variable over space and time with a high 

level of spatial patchiness (Cahoon et al. 1990; Sandulli & Pinckney 1990; Cahoon & 

Cooke 1992; Cahoon & Laws 1993; Nelson et al. 1999). However, few have adequately 

quantified this variation and attempted to relate the variation to environmental variables. 

Quantifying BMA spatial variation may provide insights into the factors that influence 

BMA growth and biomass. Furthermore, a determination of the adequate number of 

samples to reliably assess spatial variation is necessary to reliably compare BMA 

measurements across space and time (MacIntyre et al. 1996).  
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The objective of this study was to assess BMA biomass (as chl a) and community 

composition on the South Carolina inner continental shelf and correlate BMA biomass 

with factors (e.g., sediment composition, nutrient concentration, in situ irradiance) that 

may influence biomass on large (km) to small (cm) spatial scales. My primary hypotheses 

were that benthic chl a would be greater than the integrated water column chl a on an 

areal basis, and that the variability in BMA biomass was greater on km scales (between 

sampling sites) than cm scales (sampling within a site). 
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CHAPTER 2 

METHODS 

2.1 FIELD SAMPLING 

Sampling was conducted along the SC continental shelf offshore Charleston (Fig. 

2.1). Samples were collected from 11 locations during nine cruises between June 2018 

and March 2020 (Table 2.1). The March 2020 cruise was completed just prior to the 

COVID-19 pandemic, so only hydrological conditions, pigment data, and porewater 

nutrient concentrations are available for that date. Cruise dates were chosen to capture 

seasonal variability, with at least one cruise in the autumn, spring, and summer months 

each year. Sampling locations were selected primarily from the inner continental shelf 

(depth <20 m), with two sampling locations in the midshelf region (20-40 m). Four sites 

(stations 7, 9, 11, and 12) contained wells for sampling submarine groundwater. Bottom 

water, well water, and sediment samples were collected by SCUBA divers to preserve 

sample integrity and minimize disturbance.  

Irradiance (photosynthetically available radiation (PAR)), water temperature, and 

depth were recorded at 1 m intervals from surface to bottom at each site. Irradiance was 

measured using a 4π LI-250A light meter. Water temperature, pH, salinity, chl a 

fluorescence, dissolved O2, and depth were measured using a 650 MDS YSI with 6820 

Multiparameter Sonde at 1 m intervals throughout the water column. For sites that were 

deeper than 15 m, water was collected from the bottom using a horizontal Niskin bottle 

and measured immediately on deck in a bucket. 
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Surface water for nutrient analyses were collected by filtering water through pre-

combusted (500°C for 5 h) Advantec GF/75 flat filters (0.3 µm pore size, P/N 

GF7547MM) into acid-washed HDPE bottles. Divers pumped bottom and well water into 

acid-washed Kynar bags using a Guzzler. Water was then filtered through an Acropak 0.2 

µm filter (P/N 12039) and collected in acid-washed HDPE bottles. Samples were kept on 

dry ice and then stored at -20°C until analysis. 

Paired water samples for phytoplankton chl a were collected at each station: a 

surface sample from the top 1 m of water and a bottom sample from ca. 0.5 m above the 

sediments. Surface samples were collected using an integrated vertical sampler (PVC 

bailer) for the upper 1 m, and bottom samples were collected with a horizontal Niskin 

sampler that was lowered to 0.5 m above the sediment. Water samples were stored on ice 

in a darkened cooler, filtered within 24-48 h on Sterlitech glass fiber filters (0.7 µm pore 

size, P/N F2500), and stored at -80°C. 

Divers used small, clear butyrate core tubes (1 cm2 x 6 cm) to randomly collect 10 

sediment samples over a 1m2 area for benthic chl a at each site. Core tubes were capped 

and stored on ice in a darkened cooler. The upper 1 cm of sediment was sectioned from 

each core tube within 48 h and stored at -80°C. Large acrylic plastic core tubes (85 cm2 x 

30 cm) were used to collect sediments for porewater extraction. Cores were capped 

immediately after collection and stored on ice in a darkened cooler. Care was taken to 

ensure that core tubes were tightly sealed and transported vertically to minimize 

porewater mixing during and after collection. Within 8 h of collection, porewater samples 

were obtained at 2-5 cm intervals, depending on sediment porosity, starting at a depth of 

2-3 cm below the sediment surface. Rhizon SMS samplers (Number 19.21.01F, 0.15 µm 
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pore size, 2.5 mm diameter) were inserted horizontally through pre-drilled holes in the 

core tube to extract the pore water. The collection points were separated by 2-5 cm 

vertically in the sediment to prevent oversampling (Seeberg-Elverfeldt et al. 2005). The 

amount of water extracted varied based on sediment porosity, but the target volume for 

extraction was 2 ml. Porewater was frozen in 2 ml acid-washed microfuge tubes on dry 

ice and stored at -80°C. 

2.2 LAB ANALYSES 

Filters and sediments were analyzed using high performance liquid 

chromatography (HPLC) to identify and quantify photopigments (Pinckney et al. 2001). 

Samples were lyophilized for 24 h at -50° C, placed in 90% acetone (1.00 ml), sonicated, 

and extracted at -20° C for 18-20 h. Filtered extracts (250 µl) were injected into a 

Shimadzu HPLC with a monomeric column (Rainin Microsorb-MV, 0.46 cm × 10 cm, 3 

µm) and a polymeric (Vydac 201TP54, 0.46 cm × 25 cm, 5 µm) reverse-phase C18 

column in series. A nonlinear binary gradient consisting of the solvents 80% 

methanol:20% 0.50 M ammonium acetate and 80% methanol:20% acetone was used for 

pigment separations (Pinckney et al. 1996). Absorption spectra and chromatograms (440 

± 4 nm) were acquired using a Shimadzu SPD-M10v photodiode array detector. Pigment 

peaks were identified by comparison of retention times and absorption spectra with pure 

standards (DHI, Denmark). The synthetic carotenoid β-apo-8’-carotenal (Sigma) was 

used as an internal standard. 

After acetone extraction, the sediments were dried, weighed, and sorted by 

sediment grain size. Grain size and distribution were measured using a CamsizerTM 

(Retsch). The instrument used digital image analysis with a dual camera system that 
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measured and recorded particle size distribution, shape, and additional parameters as they 

fell through a feeder slot.  

Ammonium (NH4
+) concentrations were measured using the fluorescent OPA 

method (Holmes et al. 1999) and Trilogy Turner Fluorometer with a Turner Ammonium 

Snap-In Module (7200-067). The chemiluminescent method outlined by Braman & 

Hendrix (1989) was used to measure water column nitrate and nitrite (NO3
- + NO2

-). 

Total dissolved nitrogen (TDN) concentrations were calculated using persulfate oxidation 

of TDN to NO3
- (Knapp et al. 2005), and nitrate, nitrite, and ammonium concentrations 

were subtracted from TDN to calculate dissolved organic nitrogen (DON) concentrations.  

2.3 STATISTICAL ANALYSES 

 The data were analyzed with the statistical program R, v. 3.6.0. In general, the 

data were not normally distributed with heterogeneous variances. The non-parametric 

Wilcoxon signed-ranks test was used to determine whether the surface and bottom 

phytoplankton biomass samples were different on dates when both were collected, and 

whether the variation within a site differed from variation between sites on a sampling 

date. The non-parametric Kruskal-Wallis one-way analysis of variance was used to assess 

whether BMA and phytoplankton biomass differed between sampling dates and between 

stations, and the Dunn post-hoc test with Bonferroni correction was used when the results 

were significant. Spearman’s correlation analysis was used for testing whether benthic 

chl a was correlated to the following variables: grain size, percent fine sediments, 

temperature, PAR diffuse attenuation coefficient, salinity, pH, and water depth. 
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Table 2.1: Station names, latitude and longitude (digital degrees, N and W), number of 
times sampled, and average depth (m) of sampling sites. 
 

Station Latitude Longitude Sampled Average Depth 

7 32.7069 79.6611 8 10.3 

9 32.7564 79.6632 2 10.6 

11 32.7671 79.6414 4 10.9 

12 32.7266 79.6151 8 10.3 

14 32.7479 79.5692 6 12.6 

15 32.7878 79.5947 4 11.7 

SNZ02 32.6767 79.5537 1 11.7 

SNZ03 32.7093 79.5196 2 12.5 

SNZ04 32.7422 79.4791 1 11.9 

SNZ06 32.5862 79.2729 1 32.0 

SNZ07 32.6448 79.2124 1 32.0 

 
 

 
 
Figure 2.1: Map of sampling locations near Charleston, SC. 
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CHAPTER 3 

RESULTS 

3.1 HYDROGRAPHICAL CONDITIONS 

Eleven sites were sampled over 9 cruises from June 2018 to March 2020. The two 

most frequently sampled stations were stations 7 (n = 8) and 12 (n = 8). Stations SNZ02, 

SNZ04, SNZ06, and SNZ07 were each only sampled once. All stations were on the inner 

shelf, with depths between 7 and 14 m, except for stations SNZ06 and SNZ07, which 

were each 32 m deep and located on the midshelf. 

Sea surface salinities were 33.9 ± 1.9 (mean ± 1 sd) with an observed range of 

28.3 to 36.4 (Fig. 3.1). Salinity stratification was observed in October 2018, suggesting 

there was a freshwater lens over the surface following riverine freshwater discharge from 

Hurricane Florence in September 2018. Surface pH was 8.02 ± 0.15 with a range of 7.59 

to 8.32. pH fell mostly between 7.9 and 8.1, except for the autumn months in 2018 and 

March 2020, which exceeded 8.1. Sea surface temperatures were 23.7 ± 4.4° C with a 

range of 13.9° C in March 2020 to 28.9° C in August 2019. Thermal stratification was 

observed during the late spring and summer cruise dates. However, for most dates, 

surface and bottom temperature differed less than 3° C. Both temperature and salinity 

exerted influence on benthic biomass. BMA chl a was strongly correlated with average 

water column temperature (p < 0.001; R = 0.71) and correlated with average water 

column salinity (p = 0.0014; R = 0.51). BMA biomass was also weakly correlated with 

water column surface pH (p = 0.0412; R = -0.34).  
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Diffuse attenuation coefficients (kd for PAR) for all sites were 0.40 ± 0.37 m-1 

with a range of 0.15 to 1.67 m-1 (Table 3.1). During the October and November 2018 

cruises, turbidity was high with kd values >1.00 and poor visibility observed by divers. 

With the exception of the autumn 2018 and March 2020 cruises, however, the bottom 

sediments received >1% surface irradiance. BMA chl a did not correlate with kd (p = 

0.8362; R = -0.037) or water depth (p = 0.256; R = 0.19). 

3.2 SEDIMENT GRAIN ANALYSES 

The mean sediment grain size for all samples was 510 ± 301 µm (mean ± 1 sd) 

with a range of 249 to 1493 µm. Sediments at the sampling stations were primarily sandy, 

with over 80% of sediments between 125 and 1000 µm. Two exceptions were stations 

SNZ03 and 9, which contained more shell hash and a higher percentage of larger 

sediments. Mean grain size for station SNZ03 was 858 µm, and 29% of sediments were 

greater than 1000 µm. Mean grain size for station 9 was 1356 µm, with 54% of sediments 

were greater than 1000 µm. Sediment grain sizes were not determined for stations SNZ06 

and SNZ07. Mean sediment grain size did not correlate with mean BMA chl a (p = 

0.259; R = -0.23) or station depth (p = 0.446; R = 0.16). Chl a was also not correlated 

with the percentage of very fine sediment (< 125 µm) (p = 0.067, R = 0.36), but had a 

weak positive correlation with very fine and small sediments (<250 µm) (p = 0.026, R = 

0.44) (Fig. 3.2).  

3.3 PHYTOPLANKTON BIOMASS AND PIGMENT COMPOSITION 

A total of 38 surface samples and 27 bottom samples were collected for 

phytoplankton analyses. Mean water column chl a for all sampling dates was 1.57 ± 1.62 

µg l-1 with a range of 0.37 to 2.99 µg l-1 (Fig. 3.3). Surface chl a was 1.51 ± 1.63 µg l-1 
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with a range of 0.36 to 7.99 µg l-1, and bottom chl a was 1.18 ± 0.65 µg l-1 with a range of 

0.38 to 2.38 µg l-1. Surface biomass was highest in October and November 2018, four to 

eight times higher than for other sampling dates. Mean surface chl a excluding October 

and November 2018 values was 1.00 ± 0.43 µg l-1 and ranged from 0.36 to 2.44 µg l-1. 

The median phytoplankton chl a did not differ between surface and bottom for 

paired phytoplankton samples (Wilcoxon ranked sum test; n = 26; p = 0.1388). Median 

surface phytoplankton biomass was not different for any of the dates except the two 

cruises in October 2018 (7.04 ± 1.34 µg l-1) and November 2018 (4.68 ± 0.75 µg l-1) (p = 

0.0229). 

Fucoxanthin, an accessory pigment indicative of diatoms, was the most abundant 

planktonic pigment for all cruises except August 2018 (Fig. 3.4). Fucoxanthin 

concentration for the water column ranged from 0.21 to 2.78 µg l-1 and accounted for 

16.8 ± 3.5% total carotenoids. The next most abundant pigment, zeaxanthin 

(cyanobacteria), was 6.0 ± 5.4% total pigment, ranging from 0.04 to 0.41 µg l-1. August 

2018 was the only date when the zeaxanthin:fucoxanthin ratio exceeded 1 (Fig. 3.5a). Chl 

b (green algae) was very low in summer months (<0.05 ug l-1) and was highest in March 

2020. Chl b concentrations relative to chl a were greatest in the spring months of both 

years (Fig. 3.5b). The highest ratio (0.23 chl b:chl a) was in March 2020, followed by 

April 2019 (0.11 chl b:chl a). Alloxanthin (cryptophytes) and peridinin (dinoflagellates) 

were also observed in the water column, although in low concentrations (≤5% of total 

pigment). 
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3.4 BMA BIOMASS AND PIGMENT COMPOSITION 

BMA chl a for the top 10 mm of sediment was 41.36 ± 20.68 mg m-2 with a range 

of 7.48 to 93.96 mg m-2 (Table 3.1). Chl a concentrations were strongly influenced by 

both location (p < 0.001) and sampling date (p < 0.001). BMA biomass was highest 

during the August sampling dates for both years (Fig. 3.6). Chl a for August 2018 was 

76.09 ± 26.90 mg m-2 (n = 3), and chl a for August 2019 was 66.60 ± 19.09 mg m-2 (n = 

6). The lowest observed values were in March 2020 at 19.83 ± 9.15 mg m-2. For all other 

cruises, mean chl a fell between 25 and 45 mg m-2.  

The diatom pigment fucoxanthin was the most abundantly observed accessory 

pigment and accounted for over 80% (81.3 ± 8.3%) total carotenoids (Fig. 3.7). 

Fucoxanthin was 1.41 ± 0.85 ug g-1 dry sediment with a range of 0.27 to 3.37 ug g-1. 

Fucoxanthin concentrations showed similar temporal patterns to chl a and were highest in 

August 2018 and 2019. The cyanobacterial pigment zeaxanthin accounted for less than 

2% of total carotenoids; however, zeaxanthin was present at every site and sampling date. 

The ratio of zeaxanthin:fucoxanthin was low, with a mean of <0.05, indicating that 

cyanobacteria were only present in small amounts. The green algal pigment chl b was 

present for every date except October and November 2018, and the chl b:chl a ratio was 

highest in the spring months. Peridinin was found in low concentrations (< 0.01 ug g-1 

dry sediment) in April and May 2019.  

3.5 COMPARISION OF BENTHIC SEDIMENT AND WATER COLUMN BIOMASS 

AND PIGMENTS  

On an area basis, benthic chl a exceeded water column chl a for 29 of the 36 dates 

and stations sampled (Fig. 3.9). The seven samples where the benthic:water column 
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biomass ratio was <1 were collected from shallow sites located less than 11 km from 

shore: stations 7, 11, 12, and 14. Four of those samples were collected during October 

and November 2018, when water column chl a was significantly higher than other 

sampling dates, indicating that a phytoplankton bloom altered the benthic:water column 

ratio to <1, rather than a decrease in BMA biomass. Two sites in March 2020 

experienced a ratio of <1. While the water column chl a was not different from other 

dates, benthic chl a was the lowest sampled during the entire study. 

For both the water column and benthic sediment, the most abundant 

photosynthetic pigment was fucoxanthin, indicating that diatoms were the most dominant 

primary producers in the South Carolina shelf. Zeaxanthin (cyanobacteria) was present in 

both the water column and the sediments for every site and dates sampled; however, the 

water column had higher concentrations, even exceeding fucoxanthin concentrations in 

August 2018, while only trace (<0.10 µg g-1 sed) amounts of the pigment were found in 

the sediments. Alloxanthin (cryptophytes) was present in the water column in high 

concentrations during autumn 2018, and in trace amounts for several other months, but it 

was only found in the sediments in August 2019. Pigments that were present in both the 

water column and the sediments include diadinoxanthin, peridinin (dinoflagellates), 

prasinoxanthin, and chl b (green algae).  

3.6 VARIATION OF BMA BIOMASS 

 Small-scale (cm) variability of BMA chl a was calculated using the coefficient of 

variation (CV) for replicates (n = 10) collected at the same site in a <1 m2 area. For large 

scale variability (km), the CV was measured using all the pooled samples collected 

during a sampling date (n = 20-60). A non-parametric Wilcoxon signed-ranks test was 
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used to pair each site-specific CV with the pooled CV for that cruise date and determine 

if there was a difference between small-scale CV and large-scale CV. Variation between 

stations (km) was greater than variation within a site (cm) (p < 0.001), suggesting that 

although BMA experience patchiness and small-scale variation, large scale changes in 

environmental conditions correspond with about twice the variation as small-scale 

changes in the sediment microenvironment. 

 Variation within a site (cm) was greatest during the late summer and lowest 

during the late autumn. The CV for all sampling dates was 22 ± 11%, and reached its 

highest value at station 12 in August 2018 at 52%. Variation ranged from 18% to 30%, 

with the exception of November 2018, where the CV for both sites sampled was <10%. 

Large scale variation (km) (CV for multiple sites on a single date) was 40 ± 19% and 

ranged from 20 to 76%, roughly twice that as within a site. This suggests that although 

large scale environmental changes more strongly influence changes BMA biomass, small 

microscale environmental conditions also influence patterns in BMA distribution. 

3.7 NUTRIENT ANALYSES 

 For overlying waters, total dissolved nitrogen (TDN) was 7.69 ± 3.21 µM, of 

which a significant portion (7.27 ± 2.52 µM) was dissolved organic nitrogen (DON) (Fig. 

3.9). Water column dissolved inorganic nutrients (DIN) concentrations were very low, 

with almost two-thirds of all NH4, NO3, and NO2 measurements below detection limits 

(<25 nM), and NO3 and NO2 exceeding 1 µM on only one sampling date (November 

2018). DIN concentrations were highest during October and November 2018 and March 

2020. Ammonium (NH4) concentrations in the water column were low (0.10 ± 0.15 µM). 

Bottom water NH4 was higher than surface water NH4 in April and early May 2019. For 
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most cruise dates, <1 µM of NH4 was present in the water column. October and 

November 2018 were the two exceptions to these patterns, as the surface waters 

contained higher concentrations of DON and DIN. Of the 6 submarine groundwater 

samples collected from wells, NH4 exceeded water column NH4 by several orders of 

magnitude (Fig. 3.10). The mean well water TDN concentration was 45.77 ± 18.65 µM. 

Mean well water NH4 was 17.11 ± 22.07 µM, with a range of 0.17 to 54.95 µM.  

 2-3 porewater cores were sampled at each station, and nutrient concentration 

variation within the cores was high within sites, even when sampled at the same sediment 

depth (Fig. 3.11). The mean porewater NH4 concentration was 38.54 ± 36.91 µM for the 

upper 2-18 cm of sediments, exceeding water column NH4 every time both were 

sampled. There was no discernable pattern for NH4 vertical distribution within a core. For 

most cores, NH4 concentration increased with sediment depth. However, many also 

showed a decrease in concentration with depth or appeared unchanged. Porewater NH4 

was not correlated with depth in sediment (Spearman’s correlation analysis, p = 0.087, R 

= 0.17). 

 Surface phytoplankton chl a concentrations were correlated with surface water 

NH4 concentrations (Spearman’s correlation analysis, p = 0.01844, R = 0.477). Neither 

bottom phytoplankton chl a nor BMA chl a were correlated with DIN concentrations in 

submarine groundwater, porewater, or the water column (p > 0.05).  
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Table 3.1: Summary of water column and benthic chl a measurements for June 2018 to 
March 2020. kd = irradiance diffuse attenuation coefficient for PAR (m-1); water column 
chl a = integrated water column chl a (mg m-2); BMA chl a = mean BMA chl a for top 1 
cm (mg m-2); sediment:water column chl a = ratio of mean BMA chl a to integrated 
phytoplankton chl a. 
 

Date Station Depth 
(m) 

kd 
(m-1) 

Water 
column  

chl a (mg 
m-2) 

BMA chl a  
(mg m-2) 

Sediment: 
water 

column chl 
a  

7-Jun-18 7 7.3 0.23 5.74 48.28 ± 10.54 8.42 
7-Jun-18 12 11.8 0.26 12.69 7.48 ± 1.90 0.59 

 
7-Aug-18 7 7.3 - 9.19 - - 
7-Aug-18 11 10 - 9.90 - - 
7-Aug-18 12 9.6 0.33 11.43 73.58 ± 38.40 6.43 
7-Aug-18 14 12.7 0.28 12.55 60.47 ± 13.01 4.82 
7-Aug-18 15 12.1 0.30 9.93 93.96 ± 11.80 9.46 

 
15-Oct-18 7 11.1 1.23 88.70 31.17 ± 10.35 0.35 
15-Oct-18 12 10.1 1.08 61.53 21.50 ± 1.94 0.35 

 
19-Nov-18 11 11.5 1.26 59.88 48.81 ± 4.04 0.82 
19-Nov-18 12 9.6 1.67 39.86 21.82 ± 2.18 0.55 

 
29-Apr-19 7 10.9 0.28 9.25 31.29 ± 7.21 3.38 
29-Apr-19 9 11.6 - 5.96 22.77 ± 9.21 3.82 
29-Apr-19 11 10.9 0.21 9.14 47.75 ± 8.26 5.22 
29-Apr-19 12 9.8 0.22 5.15 25.30 ± 3.71 4.91 
29-Apr-19 14 10.8 0.23 6.80 35.21 ± 10.16 5.18 
29-Apr-19 15 11.3 0.24 9.74 38.03 ± 12.44 3.90 

 
6-May-19 7 11.5 0.19 10.57 33.77 ± 4.94 3.19 
6-May-19 9 9.7 0.28 16.78 20.80 ± 8.31 1.24 
6-May-19 14 12.6 - 13.12 35.07 ± 3.15 2.67 
6-May-19 15 11.1 0.26 17.80 41.72 ± 3.52 2.34 

 
23-May-19 SNZ02 11.7 0.21 10.18 37.24 ± 6.90 3.66 
23-May-19 SNZ03 11.9 0.19 10.86 44.93 ± 20.06 4.14 
23-May-19 SNZ04 11.9 0.17 15.76 43.20 ± 7.33 2.74 
24-May-19 7 11.5 0.28 22.55 50.28 ± 10.87 2.23 
24-May-19 12 10.3 0.19 17.97 29.46 ± 5.10 1.64 
24-May-19 14 12.9 0.19 10.71 47.80 ± 8.42 4.46 

 
5-Aug-19 11 11.3 0.23 11.01 78.86 ± 10.02 7.16 
5-Aug-19 14 13.0 0.27 16.15 59.96 ± 12.09 3.71 
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Date Site Depth 
(m) 

kd 
(m-1) 

Water 
column  

chl a (mg 
m-2) 

BMA chl a  
(mg m-2) 

Sediment:
water 

column chl 
a  

5-Aug-19 15 12.1 0.28 23.32 55.76 ± 8.14 2.39 
6-Aug-19 SNZ03 13.2 0.25 7.74 79.48 ± 32.57 10.27 
6-Aug-19 7 12.2 0.32 18.36 69.56 ± 17.62 3.79 
6-Aug-19 12 10.3 0.28 9.93 56.28 ± 6.37 5.67 

 
10-Mar-20 SNZ06 32 0.15 11.84 18.17 ± 6.83 1.53 
10-Mar-20 SNZ07 32 0.16 12.48 32.82 ± 10.17 2.63 
11-Mar-20 7 11.0 0.59 21.79 15.63 ± 1.54 0.72 
11-Mar-20 12 10.8 0.46 7.00 16.28 ± 2.90 2.33 
11-Mar-20 14 13.7 0.89 18.87 14.41 ± 1.69 0.76 

 
 
 

 
 
Figure 3.1: (a) Temperature (°C), (b) salinity, and (c) pH for cruises. White bars are 
surface water values, and grey bars are bottom water values. Error bars are ± 1 standard 
deviation. 
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Figure 3.2: Percent sediment grain size (µm) and benthic chlorophyll a (mg m-2). Grey 
bar is 95% confidence interval. 
 

 
 
Figure 3.3: Mean phytoplankton chlorophyll a (µg l-1) on sampling dates. White bars 
indicate samples collected at the surface, and grey indicates samples collected directly 
above the bottom. No bottom samples were collected prior to April 2019. Error bars are ± 
1 standard deviation.
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Figure 3.4: Water column accessory pigment concentrations (µg l-1) for all sampling 
dates and sites. (a) Chl b = Chlorophyll b; (b) Zeax = Zeaxanthin; (c) Fuco = 
Fucoxanthin. Samples prior to April 2019 contain only surface water samples, and 
samples from April 2019 and later are averaged with surface and bottom samples.  
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Figure 3.5: Ratio of (a) water column chlorophyll b to chlorophyll a and (b) water 
column zeaxanthin to fucoxanthin. Samples prior to April 2019 contain only surface 
water samples, and samples from April 2019 and later are averaged with surface and 
bottom samples.  
 
 

 
 
Figure 3.6: BMA chlorophyll a (mg m-2) on sampling dates. BMA chl a is pooled 
between all sites sampled on cruise date.
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Figure 3.7: Benthic photopigments on sampling dates. (a) Benthic fucoxanthin (µg g-1 dry 
sediment); (b) benthic zeaxanthin (µg g-1 dry sediment); (c) ratio of 
zeaxanthin:fucoxanthin; (d) ratio of chlorophyll b:chlorophyll a. 
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Figure 3.8: Mean benthic chlorophyll a (mg m-2) to depth integrated phytoplankton 
chlorophyll a (mg m-2). Diagonal line represents an equal benthic:water column biomass 
ratio. 
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Figure 3.9: Water column nutrient concentrations (µM) for (a) total dissolved nitrogen 
(TDN), (b) dissolved organic nitrogen (DON), (c) ammonium (NH4), and (d) nitrate 
(NO3) and nitrite (NO2). White bars indicate samples collected at the surface, and grey 
indicates samples collected directly above the bottom. No bottom samples were collected 
prior to April 2019.
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Figure 3.10: Submarine groundwater well nutrient concentrations (µM) for (a) total 
dissolved nitrogen (TDN), (b) dissolved organic nitrogen (DON), (c) ammonium (NH4), 
and (d) nitrate (NO3) and nitrite (NO2). 



25 
	

 

 
 
Figure 3.11: Porewater ammonium (NH4) concentrations (µM) at depths sampled. 
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CHAPTER 4 

DISCUSSION 

4.1 BMA AND PHYTOPLANKTON BIOMASS 

Our results demonstrate that BMA constitute an average 70% of the 

photosynthetic biomass of the SAB inner continental shelf. Benthic sediment chl a was 

greater than water column chl a for almost every site and date, reaching as much as ten 

times that of the integrated phytoplankton biomass. BMA biomass was consistent with 

values reported by previous studies in the SAB, which also found that benthic biomass in 

the SAB often exceeded that of the water column (Cahoon & Cooke 1992; Nelson et al. 

1999; Jahnke et al. 2000). The high concentration of microalgal biomass in the sediments 

cannot be ignored when drawing conclusions for continental shelf contribution to 

regional and global cycling, and weighing contribution of water column phytoplankton 

more heavily when modeling shelf biomass and production can lead to serious 

underestimations. 

Several mechanisms have been proposed to explain why water column chl a is 

generally lower than benthic chl a. N limitation has been exhibited in the SAB water 

column and sediments (Rao et al. 2008; Sedwick et al. 2018). Given the low ammonium 

and nitrate concentrations observed by this study and others in the SAB (Bishop et al. 

1980; Verity et al. 1993; Marinelli et al. 1998; Rao et al. 2007), it is likely that for most 

of our study, the water column exhibited N limitation that promoted low phytoplankton 

biomass. By contrast, our study found that both porewater and submarine groundwater 
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NH4 concentrations usually exceeded water column ammonium by several orders of 

magnitude, suggesting that BMA are not totally dependent on water column N but rather 

have access to sediment-derived N, whether from high rates of N remineralization 

(Marinelli et al. 1998; Jahnke et al. 2005) or submarine groundwater discharge (Pinckney 

2018), which allows a larger accumulation of BMA biomass. Our study did not find a 

correlation between any nutrient concentrations and BMA biomass; however, this is 

likely because we measured static nutrient concentrations rather than nutrient fluxes.  

During October and November 2018, water column chl a exceeded benthic chl a 

by up to 2.5 times. This was likely a result of excessive nutrient loading in the water 

column and a consequential phytoplankton bloom. Hurricane Florence passed through SC 

in September 2018, setting a new state rainfall record and peak flood stage records in 

several rivers in South Carolina (Stewart & Berg 2019). During sampling in October and 

November 2018, high turbidity, which is typically observed after hurricanes (Nelson et 

al. 1999), and higher DON and DIN concentrations suggested that flood waters were still 

draining through Charleston at that time, leading to the phytoplankton blooms. A low 

benthic:water column chl a ratio was also found at two sites in March 2020; however, 

this was likely caused by lower BMA biomass, rather than elevated phytoplankton 

biomass in the water column. Lower light availability may have been the cause, since 

these two sites experienced the highest kd values apart from the autumn 2018 cruise 

dates. Although our study did not show a relationship between kd and BMA biomass, 

irradiance has been previously shown to influence biomass and productivity (Cahoon & 

Cooke 1992; Jahnke et al. 2000).  
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Diatoms were the most dominant algal group in both the water column and the 

sediments. Zeaxanthin concentrations exceeded fucoxanthin in August 2018 in the water 

column, but that was not repeated in August 2019, although the zeaxanthin:fucoxanthin 

ratio was higher during August 2019 than any other month in 2019. This suggests that 

there may be some seasonality in cyanobacteria in the water column, although it is 

unclear whether August 2019 experienced a lower bloom of cyanobacteria or August 

2018 experienced a higher bloom. Chl b:chl a was also anomalously high in the water 

column during March 2020, indicating that more chlorophytes may have been present 

during that time. Diatoms were the most prevalent group in the sediments with little 

variation in community composition. Diatoms, cyanobacteria, chlorophytes, and 

cryptophytes which have all been noted as present in the SAB water column and 

sediments, with diatoms making up the majority of both communities (Cahoon and Laws 

1993; Nelson et al. 1999; Jahnke et al. 2000; McGee et al. 2008).  

Although this study did not measure photosynthetic rates, Jahnke et al. (2000) 

showed that BMA are significant primary producers in the SAB, with average BMA 

primary productivity almost equal to water column productivity. Benthic chambers, the 

primary source of benthic productivity measurements in the SAB, have been noted for 

their inaccuracy in permeable sediments by altering porewater flow (Archer & Devol 

1992; Huettel et al. 2014). Because of this, measuring changes in BMA biomass using 

sediment cores may be a sufficient alternate for studying the relative contribution of 

BMA to carbon and nutrient cycling in the SAB. 
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4.2 VARIATION IN BMA BIOMASS 

 Shelf benthic microalgae have been shown to be heterogeneously distributed with 

a highly variable biomass on small and large scales (Cahoon & Cooke 1992; Nelson et al. 

1999). Considering the challenges for sampling shelf sediments, understanding variables 

that influence benthic biomass would help to understand how changes in 

microenvironments affect BMA. Productivity models also require taking into account 

variation in BMA distribution (Bartoli et al. 2003; Serôdio et al. 2001), as inaccurate 

measurements of BMA spatial coverage may lead to over or underestimations of benthic 

productivity. BMA distribution may not only be a product of external variables, such as 

grazing (Sommer 1999; Hillebrand 2008), but may also exert influence on its 

environment as well. For example, variability in BMA distribution has been shown to at 

least partially affect higher trophic levels by influencing meiofauna distribution 

(Blanchard 1990) as well as nutrient fluxes (Bartoli et al. 2003). 

Because of the number of replicate cores (n = 10) collected at each station, we 

were able to observe patterns of variability on small scales and compare them to large 

scale variation. We found that variation between sites on a sampling date was around 

twice the variation within a site, indicating that changes over large scales affect BMA 

biomass more strongly than smaller scale changes. There was still some variability 

between replicates at each site, mostly between 20-30%, suggesting that BMA exhibit 

spatial patchiness. Some sites likely experienced a more uniform distribution, with <10% 

variance between replicates. Low variation was more common on dates when biomass 

was low. 
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Our data showed a similar pattern to Nelson et al. (1999), who found that 

variability between replicate cores explained less than 1% of total variability, with <20% 

coefficient of variation for the means of replicate cores. Given this, it is reasonable to 

suggest that variance of biomass within a site explains only a small amount of total 

variability for our sites as well. However, since some of our sites experienced variation of 

up to 60%, small scale environmental fluctuations should not be discounted as they likely 

exert a varying amount of influence on BMA biomass. 

 BMA spatial patchiness should be considered when sampling to ensure that 

sampling is representative of the true population. BMA often exhibit a clumped 

distribution, and patch size can vary from <4 cm2 to almost 200 cm2 (Blanchard 1990; 

Sanulli & Pinckney 1999). Collecting too few replicates may introduce error if all 

replicates occur only in patches with high microalgal biomass or in areas between patches 

with low biomass. In order to estimate the number of replicates required for sampling 

within the relative accuracy of the mean, we used the variance found within each sample 

site and the t-value from a normal distribution with a significance of 0.05 (Eckblad 1991). 

Our current sampling procedure of 10 replicates per site averaged between ±15-20% of 

the true mean of the population (Fig. 4.1). Many BMA studies likely use too few 

replicates, as using only 2-3 replicates for our sites yielded an estimated accuracy of ±35-

40% of the true mean of the population. Therefore, more samples should be collected 

when possible to account for variation in patch size and space between patches. 

4.3 PREDICTORS OF BMA BIOMASS 

Our study found that temperature, surface pH, and salinity were predictors of 

benthic biomass, but depth and light availability were not. The correlation between 
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salinity and biomass was not strong, and temperature was likely a function of temporal 

changes, which were also shown to influence biomass. Despite other studies having 

shown that benthic biomass decreases with increasing depth and decreasing light 

(Cahoon 1999; Nelson et al. 1999), neither were strong predictors of biomass in our 

study. This is likely because our stations were mostly of a similar depth (7-14 m) and 

they consistently received over 1% surface PAR. However, BMA have also been found 

in the SAB midshelf (Cahoon & Cooke 1992; Cahoon & Laws 1993; Nelson et al. 1999) 

and continental slope (McGee et al. 2008), so while light availability may affect biomass 

and species of BMA, the SAB sediments still receive adequate light for BMA growth. 

Sediment type and grain size have often been suggested as predictors for benthic 

biomass; however, results are inconsistent, showing a positive, negative, or even no 

relationship between grain size and BMA biomass (Billerbeck et al. 2007; Cahoon et al. 

1999; Cahoon et al. 2012; First & Hallibaugh 2010; Jesus et al. 2009). Our study showed 

only a weak correlation between small and fine sediments and BMA biomass, and no 

correlation between BMA biomass and mean sediment grain size. Other studies have 

shown relationships between grain size and biomass (Cahoon et al. 1999; Cahoon et al. 

2012; First and Hallibaugh 2010), however these studies were conducted in salt marshes 

and shallow coastal habitats, not along the continental shelf. It seems that along the South 

Carolina shelf, the percentage of fine sediments and grain size may be predictors in 

biomass variability.  

Variables that were not measured or interactions between multiple variables may 

also be responsible for variance in BMA biomass. Organic matter, sediment compaction, 

redox gradient, and porewater pH have all been suggested as possible controls on 
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biomass variability (Cahoon et al. 1999; Cahoon et al. 2012; First and Hallibaugh 2010). 

Bioturbation and grazing have also been hypothesized to influence BMA patchiness and 

small scale variability (Nelson et al. 1999). Bioturbation affects spatial distribution of 

porewater nutrients, which was heterogeneously distributed within our sites (Marinelli et 

al. 1998), and microenvironmental conditions (Aller 1980; Pischedda et al. 2008). 

Benthic grazers may also control BMA biomass and distribution, as BMA offer 

concentrated food source for benthic grazers and deposit feeders. Several possible BMA 

grazers have been noted as present in the SAB, such as demersal zooplankton, small 

polychaetes, and meiofauna (Cahoon & Tronzo 1992; Nelson et al. 1999).  

Our study was limited in breadth of sampling locations and depths, with the two 

most visited sites in the same ~12 m isobath. Only two stations exceeded 15 m depth, and 

these were each sampled once. While the large number of samples and varied sampling 

dates give a comprehensive look of BMA biomass along the South Carolina inner shelf, 

further research should be done at greater depths. Studies in the midshelf and outer shelf 

are necessary to understand BMA dynamics on the shelf. A better understanding of 

spatiotemporal variability in benthic BMA biomass is necessary for improving 

knowledge of benthic shelf trophodynamics as well as nutrient dynamics along the 

sediment-water interface.  



33 
	

 

 
 
Figure 4.1: Curves of required sample size and accuracy from the mean from samples. 
Light grey dotted lines are from individual cruises. Black dotted line is average of all 
cruises. Black horizontal line represents sample size used during this study (n = 10). 
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