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ABSTRACT

The occurrence of harmful algal blooms (HABs) and their impacts on human health 

and the economy are only expected to worsen in the coming years, mainly due to climate 

change related factors. In Lake Wateree, SC, a HAB of the species Lyngbya wollei, has been 

persistent for more than 10 years and is estimated to occupy 60 - 90 km of shoreline. This 

natural laboratory provided and continues to provide a unique window into the chemistry 

and microbial ecology of HABs. Work in this dissertation was directed at answering a 

critical question: are biomass-to-toxin ratios constant in HABs? Initial work focused on 

analytical method development to identify and quantify the toxins produced by the  

Lyngbya wollei bloom in Lake Wateree. A series of method development steps was 

designed to refine the understanding of how algal-derived samples interact with 

analytical procedures. A method was established to increase method response and limit 

matrix-derived suppression interactions. Toxins produced by Lyngbya wollei include 

Lyngbya wollei toxins 1-6. The toxin production in three locations was monitored over 8 

months, during the growing and following dormant season. Toxin production was 

normalized against total carbon, and the inorganic content of the Lyngbya wollei samples 

was recorded. Consideration of how biomass in grab samples correlates to the biomass 

of Lyngbya wollei and its toxins is presented.  
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The second half of this manuscript demonstrates the importance of autoxidation 

processes on the rate and yield of hydrogen peroxide in natural waters. ROS are 

ubiquitous in natural waters; however, their concentrations are low (micromolar – 

attomolar concentrations) and their source in these waters is poorly understood. In the 

absence of photons, gallic acid was used as a source of hydrogen peroxide over a pH range 

of 5-9 and in natural waters collected from around South Carolina. The autoxidation of 

gallic acid was initiated by the reaction between gallic acid and dioxygen and propagated 

by superoxide through a free radical chain process. The addition of natural organic matter 

increased the rates of hydrogen peroxide production and gallic acid degradation. Results 

of this study suggest that 90% of hydrogen peroxide in natural waters may be tied to the 

autoxidation of natural organic matter. 
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CHAPTER 1 

INTERACTIONS BETWEEN CYANOBACTERIA HARMFUL ALGAL BLOOMS AND 

REACTIVE OXYGEN SPECIES
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1.1 ABSTRACT 

Cyanobacterial harmful algal blooms (cHABs) are increasingly becoming 

widespread and have the potential to influence human health and the economy. Climate 

change is cited as one of the largest causes for their increased occurrence and the impacts 

of these HABs are only expected to worsen. Current remediation technologies often 

involve heavy metals and/or analytes that can be harmful to non-target species. Recently, 

the use of reactive oxygen species (ROS), such as hydrogen peroxide, ozone, and hydroxyl 

radical, as well as algicides whose active ingredient is hydrogen peroxide have been 

implemented as alternatives for remediation. Due to their short lifetime in water and 

effectiveness, these technologies are promising. Understanding the role of ROS within the 

HAB community can be challenging, as several species are known to produce extracellular 

ROS. The role of extracellular ROS in HAB and non-HAB species has been linked to metal 

acquisition and growth. Furthermore, many species of HABs produce toxic secondary 

metabolites, or toxins, and current methodologies for the detection of these toxins use 

hydrogen peroxide for oxidation followed by fluorescence. It is no surprise that hydrogen 

peroxide may react with these toxins in the water column: however, studies regarding 

hydrogen peroxide and toxins for remediation purposes are largely unpublished. 

Remediation technologies using ROS, and ROS algicides, will be discussed as well as the 

role extracellular ROS may have in HAB development. Finally, analytical technologies 

using ROS oxidation of HAB toxins will be discussed, drawing parallels between the 

analytical methods literature and the ROS remediation literature.  
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1.2 INTRODUCTION 

The occurrence of large algal blooms is becoming increasingly common in 

freshwater and marine water environments, causing physical and chemical problems with 

the waters they inhabit.1, 2 Also known as harmful algal blooms (HABs), their occurrence 

and emergent human health risk is only expected to worsen with climate change, as 

climate related outcomes are one of the largest factors for HAB growth. HABs develop 

when aquatic conditions, such as changes in nutrient loading, water temperature, salinity, 

and many others combine to cause the proliferation of the algae and its secondary 

metabolites into the ecosystem.1 Adverse effects from HABs include the release of toxins 

into the water column causing animal and human poisonings,3, 4 fish kills, oxygen 

depletion, and a decrease in overall water quality due to taste and odor compounds,5-7 

especially for drinking water.8 They are associated with acute morbidity and mortality in 

many species of animals9, 10 and have been linked to development of non-alcoholic fatty 

liver disease in humans.11 

The presence of HABs affects more than the ecosystem, leading to economic 

impacts through ecological and human health costs.12, 13 In 1991, a toxic bloom in the 

Darling River, Central Australia led to a loss of $1.5 million in tourism.14 In that same year, 

a non-toxic bloom in Hawkesbury Nepean River, New South Wales, Australia garnered 

enough negative press that tourism estimated a $6.7 million loss in revenue.15 A HAB in 

Lake Erie during the summer of 2014 resulted in a “Do Not Drink” advisory for Toledo, 

Ohio, leaving 500,000 residents without water for three days. The resulting economic 

impact is estimated to have cost over $65 million.16 Most recently in 2018, Florida 
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experienced two species of toxic HABs, affecting both marine and freshwater ecosystems. 

Along the coast, a persistent bloom lasting over a year has led to numerous fish kills, 

dolphin, and manatee deaths as well as a decline in tourism to beaches.17  

With increased nutrient loading, extreme climatic events, and invasive species, 

the occurrence of HABs are only expected to expand.18 Prevention of HABs through 

nutrient restriction will lead to long-term positive outcomes, but is costly, time-

consuming, and can be nearly impossible due to economic limitations.2 Therefore, short-

term control, such as removal of HABs and their secondary metabolites through growth 

inhibition or changes in nutrient concentrations, can be effective and manageable. The 

use of hydrogen peroxide, ozone, and hydrogen peroxide based algicides has proven 

useful in controlling and managing HABs (Table 1.1). Collectively, these removal 

techniques are useful because they are non-persistent and often more efficient than 

previous techniques that include heavy metal active sites and ecotoxic active ingredients. 

Remediation of HABs often results in the lysing of cells and the proliferation of secondary 

metabolites into the water column. Since many HABs produce toxic secondary 

metabolites, control of these compounds is necessary to mitigate the risk of 

contaminating the water and affecting the ecosystem. Removal of these secondary 

metabolites has also been studied using similar ROS technologies (Table 1.2). 

Several species of ichthyotoxic microalgae and cyanobacteria have been shown to 

produce extracellular hydrogen peroxide, superoxide, and hydroxyl radical (collectively, 

ROS).19 ROS occur naturally in the environment as a result of abiotic and biotic chemical 

reactions but are present at low concentrations (10-6 – 10-18 molar). The production of 
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ROS by oxygen-metabolizing organisms is well established; however, recently, research 

shows biological ROS production can promote growth and survival. For HABs, the 

production of extracellular ROS has been linked to toxicity, growth, and iron acquisition.  

The use of hydrogen peroxide for remediation is promising, however studies on 

the remediation of HAB secondary metabolites are largely unpublished. Currently, 

hydrogen peroxide and hydrogen peroxide oxidation are used for the detection of HAB 

secondary metabolites. The use of these methods is ideal for a family of toxins known as 

saxitoxins, comprised of over 50 structural analogues.20 Although this family of toxins is 

large, these methods have only been used on a fraction of the known compounds. It’s 

interesting to note that little overlap exists between studies regarding oxidation of these 

toxins for fluorescence detection and remediation by hydrogen peroxide. Here we will 

discuss the relationship between HABs and ROS, demonstrating its use for control and 

management practices, as well as its association with fish kills and HAB growth and use 

for detection methods of toxic secondary metabolites.  

1.3 REACTIVE OXYGEN SPECIE REMEDIATION TECHNOLOGIES 

1.3.1 HYDROGEN PEROXIDE 

The use of hydrogen peroxide to cause growth inhibition and/or nutrient loss in 

the management of HABS has been studied for a variety of species, however its use for 

large-scale control is limited, most likely due to the potential toxicity observed in fish and 

invertebrates and how quickly it degrades.2 Hydrogen peroxide may be more effective 

towards prokaryotic cyanobacteria than eukaryotic alga, making hydrogen peroxide a 

potential ideal and selective way to remove and prevent cyanobacteria.21 When properly 
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dosed, hydrogen peroxide can be effective in controlling HABs, while limiting its potential 

toxic effect to the ecosystem. Unfortunately, in many of the studies performed in natural 

water systems, HABs returned shortly (days to weeks) after hydrogen peroxide dosing.22-

24 Repeated applications are suggested as means for long-term control, but literature on 

the toxicity to zooplankton and other eukaryotic phytoplankton is limited.  

In Lake Koetshuis, Netherlands, Matthijs et al. were able to remove 99% of 

Planktothrix agardhii cell numbers with 2 mg/L of hydrogen peroxide. At this 

concentration, only a mild negative impact was observed on the eukaryotic 

phytoplankton, zooplankton, and macrofauna.23 Similarly, 90% inhibition of 

Aphanizomenon occurred between 0.80 and 0.98 mg/L hydrogen peroxide25 and 90% of 

proteins were destroyed for Oscillatoria rubescens at 1.75 ppm hydrogen peroxide.26 

Treatment of Pseudoanabaena with 3 mg/L – 20 mg/L resulted in complete inactivation 

of live cells after 48 hours as well as cell proliferation and release of odor compounds into 

the water.27 Higher concentrations (4mg/L, 8 mg/L, and 12 mg/L) of hydrogen peroxide 

were required for only 50% removal of Microcystis aeruginosa after 11 days.28  

Synechococcus lividus, on the other hand, was more resistant to treatment by hydrogen 

peroxide, requiring millimolar levels of hydrogen peroxide and cell lysis did not occur until 

13 days.29  

Published studies on the use of hydrogen peroxide for HAB management focus on 

removal of cell density and cell counts, however removal of HAB toxins cannot be 

overlooked. The most studied HAB toxins to date are the microcystins (MC), with over 90 

variants and congeners varying in toxicity.30, 31 MC are hepatotoxins and can accumulate 
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in the water column. The concentration of intracellular and extracellular MC was studied 

in laboratory experiments in water obtained from Lake Karla, Greece31 and in waste 

stabilization ponds.32 In both studies a decrease in intracellular MC was observed after 

dosing and an immediate increase of extracellular MC was observed, likely due to the 

lysing of cells and the subsequent release of intracellular toxins into the water. Over time, 

the concentration of extracellular MC decreased, and in the waste stabilization ponds 

100% removal was observed up to 25 days.32 While hydrogen peroxide is effective in 

removal of MC, literature relating to the removal of other HAB toxins, such as nodularin 

(NOD), anatoxin (ANA), cylindospermopsin (CYL), and saxitoxin (STX) by hydrogen 

peroxide is unpublished. 

1.3.2 UV / HYDROGEN PEROXIDE 

Literature using a combination of UV and hydrogen peroxide is primarily limited 

to the removal of HAB toxins. The use of UV/hydrogen peroxide for control of HABs, 

monitoring cell counts, and cell death is unpublished; however, the use of UV/hydrogen 

peroxide for the degradation of HAB toxins is well established for multiple classes of 

toxins. The mode of action for the degradation of HAB toxins by UV/hydrogen peroxide is 

primarily through reactions of hydroxyl radical (HO). Because of this, concentration of 

hydrogen peroxide, pH, and the presence of dissolved organic matter (DOM) can 

drastically affect the efficiency of the technique.1, 33 As hydrogen peroxide concentration 

is increased, increased production of hydroxyl radical is observed, but increased rates of 

degradation are not. HO will react unselectively, therefore additional amounts of 
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hydrogen peroxide, or DOM, will preferentially react with HO before reacting with the 

HAB toxins. 

The use of UV irradiation without hydrogen peroxide has the potential to remove 

MC,34-36 ANA,37 and CYL,38 however addition of hydrogen peroxide increased the efficacy 

of degradation.34, 37, 39, 40 MC was degraded 8 times more in the presence of both UV and 

hydrogen peroxide, while ANA required a medium pressure UV lamp (which can be costly 

and inefficient) for only 50-80% removal.37 Similarly, CYL degraded 7 times faster in the 

presence of UV and hydrogen peroxide compared to UV irradiation alone, but also 

required added photosensitizers (such as TiO2) to increase hydroxyl radical formation. 1, 

41-43 Although the use of this system is effective for removal of HAB toxins, effectiveness 

for the prevention of the HAB by this technology is unknown. Literature relating to the 

removal of other HAB toxins, such as nodularin (NOD) and saxitoxin (STX) by UV/hydrogen 

peroxide is largely unpublished. 

1.3.3 OZONE 

The use of ozone is a well-known and studied method for disinfection and has the 

potential to be used for cyanotoxin degradation. Like the UV/hydrogen peroxide system 

discussed, ozone’s primary mode of action is through the generation of hydroxyl radicals. 

Since ozone is not persistent in the water column, ozonation of large bodies of water for 

HAB and cyanotoxin removal is difficult Ozonation of Microcystis aeruginosa resulted in 

99% cell lysis in 10 mins at 0.5 – 2.0 mg/L ozone44 and complete cell and cyanotoxin 

removal in the presence of 8 mg/L DOC within 12 mins during ozone dosing of 2.4 mg 
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/min.45 Pseudoanabaena sp. was completely inactivated by the addition of 0.5 mg/L 

ozone.  

Ozonation of HABs often results in cell wall damage, releasing toxins, taste and 

odor compounds, and other secondary metabolites into the water.8, 46-48 In the ozonation 

of Pseudoanabaena sp., 2-methylisoborneol (2-MIB, a taste and odor compound) was 

released upon cell inactivation. However, additional dosing of ozone effectively removed 

2-MIB. Similar release of HAB toxins was observed in the ozonation of Microcystis 

aeruginosa, Lyngbya sp. and Oscillatoria tenuisa.49, 50 Ozonation of Aphanizomenon 

gracile resulted in increased assimilable carbon content in the water, likely due to cell 

proliferation and cell content release and oxidation of non-assimilable carbon.51 

Oxidation of Cylindrospermopsis raciborskii exhibited complete inactivation after one 

minute and no build-up of CYL, over 130 minutes at 1 mg/ L min dose.47  

Ozone reacts with MC, ANA, CYL, NOD, and poorly with STX,52 resulting in toxin 

alteration instead of removal.1 Since these toxins are altered, toxicity studies of residual 

solutions after ozonation are required to determine the efficacy of treatment. Since the 

mode of action for ozonation treatments is through hydroxyl radical, pH and the 

concentration of DOM can significantly change cyanotoxin removal efficiency. MC is 

effectively removed at near neutral-acidic pHs, whereas ANA removal was improved with 

increasing pH.53-55 In order to ensure complete removal of toxin, even in the presence of 

high DOM, a residual of 0.05 mg/L of ozone is suggested for MC.52, 56   

So far, the discussion regarding ozone and HABs has been limited to freshwater 

species. In seawater, ozone’s mode of action is altered slightly due to high concentrations 



 10 

of bromide. Ozonation of bromide results in a weak, stable disinfectant that has been 

used for the removal of dinoflagellates, particularly Karenia brevis, Prorocentrum 

triestinum, Scrippsiella trochoidea, Karenia digitale, and Amphidinium sp.57 Toxins 

released upon cell lysis of Karenia brevis were significantly reduced (94% removal) after 

10 mins of ozonation at a rate of 0.51 mg / L min ozone.58 The use of ozone in freshwater 

and marine environments is promising for HAB removal and has been recently 

recommended for use in ballast water tanks of ships, which is a significant cause of the 

introduction of HAB species into new water systems but has not been studied extensively 

in regards to cyanobacteria.59  

The combination of UV and photosensitizers increased hydrogen peroxide’s 

efficacy in HAB and cyanotoxin removal. Similarly, ozone/hydrogen peroxide and 

ozone/iron systems were shown to enhance the transformation of MC and ANA. 

Combinations of ozone with other disinfectants have not been studied extensively. Future 

research on ozone and ozone enhanced degradation of HABs and HAB toxins in marine 

and freshwater systems is needed. 

1.3.4 HYDROGEN PEROXIDE ALGICIDES 

Reactive oxygen species have been established as potential inhibitors of HAB cell 

growth as well as removers of their associated secondary metabolites, HAB toxins. Several 

companies have taken advantage of this and developed algicides whose mode of action 

is primarily through hydrogen peroxide. These aquatic algicides are made by mixing 

hydrogen peroxide and sodium carbonate to form sodium carbonate peroxyhydrate 

(SCP).60 SCP can be applied from a powder, which allows for easy application and limits 
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exposure to applicators. SCP will break down to form sodium carbonate and hydrogen 

peroxide, allowing hydrogen peroxide to react or decompose into water and oxygen 

according to Equations 1 and 2. SCP algicides are commercially available under the trade  

 

 

names PAK 27, GreenClean, TerrCyte Pro, and Phycomycin. Granular powders are 85% 

active ingredient, SCP, which is equivalent to 27.6% hydrogen peroxide.  

Control of Microcystis aeruginosa by PAK 27 was effective (90%) at suppressing  

the concentrations of cells for two weeks. GreenClean, which yielded approximately 3 

mg/L hydrogen peroxide was applied to a bloom of Planktothrix rubescens. Within 1-3 

days surface cells and MC from the bloom decreased, and over the course of several 

months no algae filaments were observed. The use of GreenClean was effective in the 

control of Lyngbya wollei in laboratory studies, however these experiments were done in 

combination with multiple non-ROS based algicides. Phycomycin was effective against 

filamentous Lyngbya wollei, but only upon subsequent addition of copper based 

algicides.61 The effect of Phycomycin on its target specie, Microcystis aeruginosa 

(cyanobacteria), and non-target species, Pseudokirchneriella subcapitata (chlorophyte), 

Ceriodaphnia dubia (microcrustacean), Hyalella Azteca (benthic amphipod), and 

Pimephales promelas (fathead minnow) was studied by Geer et al. The target specie M. 

aeruginosa was the most sensitive to Phycomycin (96 hr EC50 = 0.9-10.9 mg/L hydrogen 

[1] 2Na2CO3 • 3H2O2 → 2Na2CO3 + 3H2O 

[2] 3H2O → 1.5 O2 + Heat 
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peroxide), followed by Pseudokirchneriella subcapitata (7-day EC50 = 5.2-9.2 mg/L 

hydrogen peroxide).62 They also compared the effectiveness of SCP to copper-based 

algicides, endothall, and diquat dibromide, and found that SCP was just as potent against 

the target specie, M. aeruginosa, but has lower potency towards the non-target species, 

H. Azteca and C. dubia. Lower potency towards non-target species allows for enhanced 

margins of safety while selectively removing toxic cyanobacteria.  

Other ROS based algicides, under trade names such as ZeroTol and Phyton X3, use 

hydrogen dioxide or a liquid combination of peroxyacetic acid and hydrogen peroxide. 

According to ZeroTol, the addition of peroxyacetic acid increases the oxidation strength 

of the algicide by 10-12 times compared to hydrogen peroxide alone.63 ZeroTol claims to 

be non-phototoxic. ZeroTol has been studied for use in control of Oscillatoria porornata, 

Pseudoanabaena sp., Oscillatoria agardhii, and Selenastrum capricornutum (green algae) 

with IC50 values of 0.4, 1.7, 1.4, 3.4 as mg/L of active ingredient, respectively.64, 65  

Using hydrogen peroxide as an active ingredient to decrease cell count and control 

HABs is established; however, the potential for the release of HAB toxins after cell lysis 

and their fate in the presence of these algicides has not been studied. Research is needed 

on the effect stabilizers and surfactants used in the commercial formulations may have 

on the target and non-target species. To date, no published studies exist on the 

environmental fate of these algicides. Hydrogen peroxide will not persist in the 

environment, but long-term control studies on cyanobacteria have not been done. The 

published literature relating to algicides and cyanobacteria has taken place in laboratory 
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settings; studies in natural water matrices are needed to investigate the potential for 

synergistic or non-targeted reactions occurring. 

1.4 EXTRACELLULAR PRODUCTION OF REACTIVE OXYGEN SPECIES BY CHABS 

Hydrogen peroxide has been demonstrated as an effective algicide in multiple 

forms against cyanobacteria. However, this isn’t the only role hydrogen peroxide has 

within the cyanobacteria community. A broad diversity of phytoplankton produce 

hydrogen peroxide, superoxide, and even hydroxyl radical.19 Many of the ROS producing 

species are eukaryotic phytoplankton, such as dinoflagellates,66-70 diatoms,71-74 and 

raphidophytes,75-78 however four cyanobacteria species have been cited for production 

of extracellular ROS.79-81 In general, HAB-forming species generate more extracellular 

ROS, and ROS production may be related to the tendency of these species to form HABs.19, 

82 HAB toxicity of raphidophytes and dinoflagellates (non-cyanobacteria HABs) to other 

organisms may be related to ROS production and not toxic secondary metabolites. 

Production of extracellular ROS is thought to indirectly or synergistically interact with 

other toxins, causing fish kills by suffocation.83 Several studies have pointed out that ROS 

alone cannot be responsible for the harmful effects observed, therefore more research is 

needed to determine what the mode of action is for these fish kills. 

Lyngbya majuscula and Microcystis aeruginosa (two HAB forming species) had 

rates of ROS extracellular superoxide of 155 nmol/g/hr79 and 0.4-0.2 amol/cell/hr,81 

respectively. Differences in production rate may be attributed to growth phase, cell lysis, 

inter-strain differences, sunlight, water temperature, salinity, and iron availability.19 

Production of superoxide during growth regulation can act as an autocrine growth 
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promoter for microbial species such as Saccharomyces cerevisiae, Escherichia coli, and 

Salmonella typhimurium. A positive relationship between superoxide and growth has 

been established for several non-cyanobacteria species.84-86 An inverse relationship with 

cell density and cell-normalized ROS was observed for the non-HAB forming 

cyanobacterium Trichodesmium spp.,87 indicating a potential signaling role for ROS.  

Indirectly, extracellular ROS production may influence growth via metal nutrient 

acquisition. The reaction of superoxide and iron allows for iron to be reduced from 

iron(III) to iron(II); extracellular superoxide can increase the bioavailability of iron, as 

mechanistically detailed by Rose et al. Extracellular superoxide has been proposed as a 

strategy for iron acquisition for the harmful cyanobacteria Lyngbya majuscule79 and 

Microcystis aeruginosa,81 non-harmful cyanobacteria Trichodesmium erythraeum,88 and 

harmful marine raphidophyte Chattonella marina.89 Bioavailability of iron will largely 

depend on the concentration of iron species near the cell’s uptake sites, concentration of 

ligands that result in less liable forms, the presence of other oxidants that may affect iron 

speciation, transport processes, and biological uptake of iron species. Despite these 

factors, under some environmental conditions, extracellular superoxide still has the 

potential to significantly increase iron bioavailability.  

1.5 HYDROGEN PEROXIDE OXIDATION OF SECONDARY METABOLITES  

Secondary metabolites produced by HABs are susceptible to reactions with 

hydrogen peroxide, as discussed earlier. However, hydrogen peroxide is also used as an 

analytical technique to measure the concentration of paralytic shellfish toxins (PSTs). PSTs 

are naturally occurring secondary metabolites produced by several HAB-forming genera. 
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Saxitoxins are an important family of PSTs, made up of over 50 structural analogues. 

Saxitoxin and its analogues react with hydrogen peroxide under alkaline conditions to 

form fluorescent products. This method has been developed for use in shellfish tissues 

and used as a pre-column oxidation protocol followed by liquid chromatography 

fluorescence (LC-FL). Since 2006, the LC-FL method has been the standard method for 

monitoring saxitoxin and analogues in the UK for regulatory testing of live bivalve 

mollusks. 

The derivatization of saxitoxin was first established in 1975 by Bates et al. where 

pure saxitoxin dihydrochloride, isolated from Saxidomus giganteus, was reacted with 10% 

hydrogen peroxide under basic conditions, Figure 1.1. The fluorescence method coupled 

with liquid chromatography was developed into a pre-column oxidation protocol using 

hydrogen peroxide and sodium periodate as the oxidants, and more than 15 saxitoxin 

analogues were successfully analyzed.90-93 Oxidation of saxitoxin and its analogues 

resulted in similar products, all cleaving at the same position, Figure 1.3. Multiple 

oxidation products were observed and because chirality is lost during cleavage, several 

toxins formed identical fluorescent products.94-96 Literature relating to hydrogen peroxide 

and saxitoxin fluorescence has focused mostly on the method and method optimization. 

Toxicity and stability of the resulting oxidation products is unpublished.  

1.6 CONCLUSIONS 

HABs are widespread, and their occurrence and impacts on human health and the 

economy are only expected to worsen with climate change. Removal techniques for HABs 

have been largely unsuccessful; however, the use of hydrogen peroxide, hydrogen 
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peroxide/UV, and ozone methods is promising as they provide short-term removal and 

control options while also being eco-friendly (non-persistent in the water column). A 

couple HAB species have been noted as superoxide producers; although the exact 

ecophysiological role is unknown, literature suggests it may involve indirect uptake of 

nutrients. Finally, hydrogen peroxide has been widely used as a detection method for 

saxitoxin and its analogues (secondary HAB metabolites) in environmental samples and 

in regulatory sampling.   

Although hydrogen peroxide’s role in the HAB community has been broadly 

studied, further research is required to address significant gaps in the state of knowledge. 

For example, there is a need for research on the fate of HAB toxins in the presence of ROS 

control methods, including algicides. Understanding the mechanism of how ROS interact 

with HABs and HAB toxins will aid in understanding the potential impacts these 

techniques have on removal and control. Production of ROS by HAB species has been 

studied extensively for non-cyanobacteria species and the role of extracellular ROS is still 

under investigation. While the use of hydrogen peroxide for the detection of saxitoxin 

and its analogues has been studied significantly, the potential for hydrogen peroxide to 

react with these compounds in the natural environment has not been studied. Literature 

surrounding hydrogen peroxide as a removal and control method and hydrogen peroxide 

as an analytical method seem to be mutually exclusive. Toxicity of the fluorescent 

saxitoxin products is unknown but may be a connection in understanding the fate of 

hydrogen peroxide control methods and cyanotoxin removal in environmental settings.  
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Table 1.1. Literature review of cyanobacteria genera and whether their cells 
react with ROS and if they produce ROS.  

Genera Inactive / react with cells? Produces 
extracellular 

ROS? 
Hydrogen 
Peroxide 

Ozone Algicides 

Anabaena     — — 
Aphanizomenon yes yes — — 

Cylindrospermopsis — Yes — — 
Lyngbya — Yes Yes Yes 

Microcystis Yes Yes Yes Yes 
Nodularia — — — — 

Nostoc — — — — 
Oscillatoria Yes Yes Yes — 
Phormidium — — — — 
Planktothrix Yes – Yes — 

Pseudoanabaena Yes Yes — — 
Raphidiopsis — — — — 

Synechococcus Yes — — — 
Trichodesmium — — — Yes 
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Table 1.2. Toxins produced by associated cyanobacteria genera and their potential 
to react with ROS.  

Toxin 
Genera associated 

with toxin 
production 

React with toxin? 
Hydrogen 
Peroxide Ozone Algicides 

Anatoxin-a 

Anabaena, 
Aphanizomenon, 

Oscillatoria, 
Phormidium 

— Yes — 

BMAA Anabaena — — — 

Cylindrospermopsin 
Aphanizomenon, 

Cylindrospermopsis, 
Oscillatoria 

— Yes — 

Microcystin 

Anabaena, 
Microcystis, Nostoc, 

Oscillatoria, 
Phormidium, 
Planktothrix 

Yes Yes — 

Nodularin Nodularia — Yes — 

Paralytic shellfish 
toxins 

Aphanizomenon, 
Cylindrospermopsis, 

Lyngbya, 
Raphidiopsis 

—* Yes — 
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Figure 1.3 Structure A, Saxitoxin is reacted with hydrogen peroxide and oxidized to form 
the fluorescent product, B. Isolation of B results in a rearrangement and the non-

fluorescent compound C.  

 



 31 

CHAPTER 2 

EMERGING LYNGBYA WOLLEI TOXINS: A NEW HIGH RESOLUTION MASS 

SPECTROMETRY METHOD TO ELUCIDATE A POTENTIAL ENVIRONMENTAL 

THREAT
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2.1 ABSTRACT 

Mass spectrometric methods for the quantitative and qualitative analyses of algal 

biotoxins are often complicated by co-eluting compounds that present analytically as 

interferences. This issue is particularly critical for organic polyamines, where co-eluting 

materials can suppress the formation of cations during electrospray ionization. Here we 

present an extraction procedure designed specifically to overcome matrix-derived ion 

suppression of algal toxins in samples of Lyngbya wollei, a filamentous benthic algae 

known to produce several saxitoxin analogues. Lyngbya wollei samples were collected 

from a large, persistent harmful algal bloom in Lake Wateree, SC. Six known Lyngbya 

wollei-specific toxins (LWT1-6) were successfully resolved and quantified against saxitoxin 

using hydrophilic interaction liquid chromatography coupled with triple quadrupole and 

quadrupole time-of-flight mass spectrometry. The parent ions [M2+ – H+]+ were observed 

for  LWTs 1-6 and the [M]2+ ion was observed for LWT5. High resolution mass spectra and 

unique fragmentation ions were obtained for LWTs 1-6. The relative retention time vs 

LWT5 for each toxin was used to validate peak assignment by liquid chromatography. A 

dilution factor of 50 resulted in a linear calibration of saxitoxin in the algae matrix. Ion 

suppression was resolved by sample dilution, which led to linear, positive correlations 

between peak area and mass of the extracted sample (R2 > 0.96). Optimized sample 

extraction method and instrument parameters are presented. 

2.2 INTRODUCTION 

Analogues of the neurotoxic alkaloid saxitoxin, also known as paralytic shellfish toxins 

are members of a class of naturally occurring secondary metabolites produced by 
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freshwater cyanobacteria and marine dinoflagellates.1, 2 Saxitoxin is a selective sodium 

channel blocker that has been documented to be extremely toxic to a wide range of 

species, including humans.3-7 To date, there are at least 57 known analogues of saxitoxin8 

with varying levels of toxicity (by mouse bioassay), produced by a variety of genera 

including Anabaena 9-11 Cylindospermopsis,12 Aphanizomenon,13-15 Planktothrix,16 and 

Lyngbya.17 Lyngbya wollei (Farlow ex Gomont) Speziale & Dyck, a filamentous, benthic 

cyanobacteria, is a source of saxitoxin analogues known as Lyngbya wollei toxins (LWTs, 

Figure B.1).18-22  

The qualification and quantification of saxitoxin analogues can be challenging. Effect 

based assays, including the mouse bioassay,23-25 in-vitro cell viability assays,26-29 enzyme-

linked immune sorbent assay,30, 31 and receptor binding assay32-35 can provide qualitative 

and quantitative toxicity information.25 However, these techniques report concentrations 

as summed saxitoxin equivalents and do not report the relative concentrations of 

different structural analogues. The latter is key for developing a detailed understanding 

of the relevant toxin biosynthetic pathways and understanding the synergistic toxic 

effects possible from complex toxin sources like Lyngbya wollei. 

Mass spectrometric techniques are alternatives that typically have a wider linear 

dynamic range than most immunoassays and offer a higher level of structural information 

than effect-based assays.17, 18, 36-39 However, the use of electrospray ionization mass 

spectrometry for the identification and quantification of polyamines like the saxitoxin 

analogues can be complicated  by the presence of co-extracted materials that affect 

ionization efficiency in the source.17, 18 The most commonly observed effect is 
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suppression, resulting in non-linear calibration curves for the saxitoxin analogues.21,40 

Here we report the development of a new mass spectrometry method for accurate and 

precise measurement of Lyngbya wollei toxins at ng/L detection limits that overcomes ion 

suppression. 

2.3 MATERIALS AND METHODS 

2.3.1 MATERIALS 

All chemicals were used as received. All aqueous solutions used 18 M: cm-1 

(Barnstead E-pure) water. All glassware was acid washed in 2 M HCl/0.1 M oxalic acid 

prior to oxidation in a muffle furnace to ensure it was trace metal and organic free. 

Acetonitrile (HPLC grade) was obtained from VWR BDH chemicals. Ammonium formate 

(98+%) was purchased from Alfa Aesar. Formic acid (certified ACS), glacial acetic acid 

(certified ACS PLUS), and hydrochloric acid (certified ACS Plus) were purchased from 

Fisher. Saxitoxin dihydrochloride in dilute hydrochloride standard solutions were 

obtained from NIST and Abraxis Inc. 

2.3.2 SAMPLING  

Lyngbya wollei grab samples were collected on November 6, 2018 from a surface 

floating mat on Lake Wateree, SC. Samples were collected in sterile 500-mL collection 

bottles and stored at 0oC during transport (less than three hours). Samples were 

processed immediately when received. Samples were rinsed lightly under deionized 

water to remove entangled detritus, drained of excess water, frozen in liquid nitrogen, 

and lyophilized. After lyophilization, algae samples were homogenized using a tissue 

grinder and stored at -20 °C until extraction.  
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2.3.3 EXTRACTION METHOD 

Freeze dried algae samples were returned to room temperature and their masses 

obtained with an analytical balance. Sample mass varied from 25-300 mg of dry weight 

algae. All samples were mixed with 10 mL 0.1 M acetic acid, sonicated for 15 minutes and 

centrifuged for 5 minutes. The resulting supernatant was removed, passed through a 

0.45-micron nylon filter and analyzed by liquid chromatography-mass spectrometry. 

Extractions and subsequent dilutions were repeated using 0.1 M HCl and 0.01 M HCl. The 

mass to volume ratio was kept constant at 10 mg of dry weight algae for every 1 mL of 

extraction solvent in the extraction procedure to produce extracts for subsequent sample 

dilution experiments. 

2.3.4 CHROMATOGRAPHY AND MASS SPECTROMETRY  

Toxins were analyzed using a Waters (Milford, MA, USA) Acquity ultra performance 

liquid chromatograph (UPLC) coupled with a Xevo triple quadrupole (TQ) mass 

spectrometer equipped with an electrospray ionization (ESI) source in positive ion mode. 

High resolution analyte confirmation was performed on an Agilent (Santa Clara, CA, USA) 

1290 Infinity II ultrahigh performance liquid chromatograph (UHPLC) system coupled to 

an Agilent 6545 quadrupole (Q)-time-of-flight (TOF) tandem mass spectrometer with 

electrospray ionization (ESI) in positive ion mode. High resolution Q-TOF data was 

processed using Agilent B.08.00 software. Separations were performed on a BEH Amide 

(2.1x150 mm) 1.7 µm particle size column (Waters). The mobile phases were aqueous 5.6 

mM formate buffered pH 3.5 (A) and 95:5 acetonitrile:water 5.6 mM formate buffer pH 

3.5 (B). The gradient LC method used for both instruments (TQ and Q-TOF) was as follows: 
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80% B held for one minute, ramped to 60% B over the next 3 minutes and held for 2 

minutes, at 7 minutes ramped back to the original conditions over one minute (80% B) 

and held for re-equilibration for 8 minutes (16 minutes total).  

Saxitoxin was optimized manually by direct infusion into the source, using an 

optimized cone voltage of 0.5 kV and cone energy of 80 V. The source temperature was 

150 °C. The desolvation temperature, extractor voltage, desolvation gas flow, cone gas 

flow, and collision gas flow are shown in Table B.1. Due to the lack of commercial 

standards, optimization of source conditions on the UPLC-TQ mass spectrometer was 

done by optimizing chromatographic peak areas. A series of source methods was 

developed varying capillary and cone voltages to determine the optimal ionization 

parameters for LWT1, 4, 5, and 6 (Figure B.2). A capillary voltage of 0.5 kV was optimal 

for all LWTs observed, consistent with the voltage for saxitoxin. LWT1 experienced in-

source fragmentation at cone potentials significantly above 30 V, therefore this value was 

maintained at 30 V at the retention time window corresponding to LWT1 elution. The 

other LWTs did not experience this issue, and a cone energy of 80 V was optimal for LWT4, 

LWT5, and LWT6.  

Instrument parameters previously optimized for identifying small molecules by 

UHPLC-QTOF were utilized for LWT confirmation.41 The mass spectrometer was operated 

at a fragmentation voltage of 110 V, capillary voltage of 4000 V, gas temperature of 300 

°C, drying gas flow of 12 L min−1, and nebulizer pressure of 35 psi, with a m/z scan range 

of 50 to 750. During initial analyte screening, the collision energy was ramped from 0, 20, 

to 40 eV every scan to obtain both MS and MS/MS spectra for each peak. Once LWTs of 
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interest were identified in algae extracts, targeted analysis was performed with a collision 

energy of 30 eV to obtain high resolution MS/MS spectra.  

2.4 RESULTS 

2.4.1 TOXIN IDENTIFICATION 

Previous published studies on the analysis of LWTs were the result of mass 

spectrometers with unit-mass resolution, along with NMR (nuclear magnetic resonance) 

spectroscopy.11, 18, 36, 42 In our study, saxitoxin analogues were initially detected in Lyngbya 

wollei extracts by full scan analysis at unit mass resolution on the UPLC-TQ mass 

spectrometer (Figure 2.1). LWTs lose a proton during ionization, forming an [M2+ – H+]+ 

parent ion, which is consistent with previously published work on doubly charged, low 

molecular weight poly amines by ESI-MS. 43-45 High resolution analysis by UHPLC-QTOF-

MS was utilized for confirmation of the identity of the suspected LWTs (Figure B.3-B.7). 

High resolution data provided exact masses of precursor and product ions, correlating to 

a specific molecular formula for each peak, which allowed additional confidence in the 

chemical structures for these toxins (Table 2).  

The structural similarities between the LWTs and saxitoxin means that similar product 

ion profiles were seen across multiple analytes of interest. For example, fragments with  

m/z 72.0556 and m/z 60.0556, corresponding to elemental formulae of C2H6N3 (< 6 ppm 

mass error) and CH6N3 (< 2 ppm mass error), respectively, were observed for all LWTs 

(Table 2). Fragmentation of LWT1 resulted in ten fragment ions. The sulfur-containing 

functional group was lost from each fragment ion observed. Thirteen fragment ions were 

observed for LWT4 (Table 2). Similarly to LWT1, the most abundant fragment was from 
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loss of the OH functional group, as well loss of nitrogenous fragments (such as CH5N3 and 

CH4N3). Six identical product ions were observed between LWT4 and LWT6.  

Fragment ions obtained for LWT5 and saxitoxin  were nearly identical (Table 2 and 

Table B.2). Eleven fragment ions were observed for LWT5, of those eleven, eight were 

identical ions to saxitoxin. The three unique product ions were the result of losses from 

locations other than the carbamate ester (for saxitoxin) or the acetyl ester (for LWT5). 

Resulting mass differences in these product ions differed by 1 Da. For example, the loss 

of water from LWT5 resulted in the product ion m/z 281.1357, whereas the loss of water 

from saxitoxin resulted in m/z 282.1309. The agreement between fragments for saxitoxin 

and LWTs increases the confidence in the LWT  identifications. Importantly, this 

agreement suggests parallels between the ionization chemistry of these two families of 

analytes, supporting the use of saxitoxin as a quantification standard for the LWTs, in the 

absence of commercially available standards for these toxins.  

LWT2 and LWT3 are structural isomers (hereafter referred to as LWT2/3) with the 

same molecular weight. They were not detected using the UPLC-TQ mass spectrometer, 

but at least one isomer was detected with the QTOF mass spectrometer during the high 

resolution analysis of the algae extract (Figure B.8, Table B.3). LWT2/3 are structural 

isomers, and likely were not separable with the chromatographic approaches used in this 

study; thus, it is possible that both isomers were present, but coeluted. Similar to LWT1, 

LWT2/3 has a sulfur-containing functional group which was lost in four out of the six  

product ions observed. LWT2/3 were 2 orders of magnitude lower in peak intensity, 

relative to LWT1, 4, 5, and 6 (which had peak intensities on the order of 105) on the QTOF 
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mass spectrometer, and LWT2/3 were undetectable at these concentrations on the UPLC-

TQ mass spectrometer. 

2.4.2 MATRIX EFFECTS 

The initial extraction procedure used 0.1 M acetic acid, sonication for 15 min, and 

filtration before analysis by UPLC-MS. However, the method response (peak area) from 

this extraction procedure showed a non-linear relationship vs the mass of the algae 

extracted (R2 < 0.6838) for LWT4, 5, and 6.  Furthermore, peak area vs mass extracted 

showed a negative slope for LWT5 (Figure 2.2). This behavior is consistent with the 

presence of co-extracted materials in the sample acting to suppress the ionization of the 

LWTs in the mass spectrometer.40 

A commercially available standard, saxitoxin, was added to the sample as a surrogate 

LWT to probe for the nature of matrix effects. Saxitoxin calibration curves were prepared 

from 0.1 M acetic acid and algae extracts for comparative purposes (Figure 2.3). The slope 

for saxitoxin in acetic acid was 7820 ppb-1 with an R2 of 0.9923, whereas in the algae 

matrix, the slope was 926 ppb-1 saxitoxin with an R2 of 0.2455. The concentration 

dependence was determined by diluting saxitoxin-spiked algae extracts in 0.1 M acetic 

acid (Figure 2.4) over a range of dilution factors (corresponding to a dilution factor of zero 

to 1000). Comparison of peak areas vs log dilution factor for the LWTs (Figure 2.4) showed 

a parabolic function for LWT 4, 5, and 6.  

Examination of the dilution factor effect revealed that sample dilution of 50 or more 

reduced the interfering species to a level essentially below “detection” based on their 

ability to disproportionately affect the  standard. The full calibration curve for saxitoxin 
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was repeated at a dilution factor of 1:50 for extract:acetic acid. The corresponding curve 

(Figure 2.4 inset) was linear with a slope of 7975 ppb-1  and an R2 of 0.9959. In order to 

test the linearity of our toxins at a DF of 50, the mass of dry algae was varied over the 

range of 25 – 300 mg, extracted, and the resulting extracts were diluted by a factor of 50. 

The peak area vs mass was linear (R2 > 0.9522) for all toxins observed (Figure 2.5).  

2.4.3 EXTRACTION IN HYDROCHLORIC ACID 

As shown in the literature, the choice of extraction solvent is important and the 

presence of strong acids of an acid can alter the apparent toxin profile. The effects of 

varying extracting acids on the magnitude of the suppression were determined. 

Lyophilized algae were extracted with either 0.01 M HCl or 0.1 M HCl and the extracts 

were diluted over a dilution factor range of 1 – 1000. The peak area vs. dilution factor 

function for the LWTs was determined for the differing HCl conditions (Figure B.9). LWT5 

and LWT6 were affected strongly  by the change in extraction solvent, requiring at least a 

dilution factor of 10 to ensure dilution of the matrix beyond visible suppression effects. 

This result points to the importance in testing for suppression when ranking extraction 

procedures.  

2.5 DISCUSSION 

The high-resolution fragmentation analysis presented here provides an 

unprecedented range of fragment ion options that can be used to conclusively indicate 

the presence and retention time of LWTs 1 through 6 in a sample, even in the absence of 

commercial standards. These same transitions can be used for MRM-based analyses in 

quantification. The presence of ion suppression factors can vary within environmental 
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matrices. Smaller, polar molecules are more susceptible to ion suppression, as well as 

amine analytes. Biological samples are more likely to contain nonvolatile and less volatile 

solutes, leading to a change in spray droplet solution properties, which can be a major 

source of ion suppression when using electrospray. Given that saxitoxin analogues are 

small, polar molecules, usually extracted from natural samples, matrix effects will most 

likely be present in any algae extract, therefore, the current results suggest analysis of 

saxitoxin and its analogues extracted from algae should be subjected to a dilution factor-

based assay. A strategy to obtain linear saxitoxin calibration within the algae matrix as 

well as linear toxin vs. mass correlations is demonstrated. The current work suggests a 

safe dilution factor of at least 10 for the Lake Wateree based samples, however for our 

work we chose 50 to ensure adequate dilution of the matrix during lake turnover events. 

Accurate risk assessments for Lyngbya wollei are extremely difficult due to reference 

standards for the mixture of toxins produced by this algae being commercially 

unavailable. Effect-based assays for the analysis of these toxins remain largely non-

specific, fail to provide a molecular toxin profile, and often require secondary verification 

by mass spectrometry. The combination of a lack of standards for quantification and 

qualification make risk assessment and remediation a gamble each time this species is 

encountered, as historically the relative concentrations of LWTs are variable and 

unpredictable. Utilizing a dilution factor-based assay, as presented here, provides 

selective detection with minimal sampling processing to avoid interferences from ion-

suppressing matrix effects.  
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Figure 2.1 LC-MS chromatogram for LWT1 (RT = 4.79 min),  LWT4 (RT = 6.64 min), LWT5 
(RT = 6.11 min), and LWT6 (RT =5.79 min).  
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Table 2.1. High resolution fragmentation data for A: LWT1, B:LWT4, C: LWT5, and D: LWT6 (ESI+) 

  

m/z Formula Mass loss Formula Loss Theoretical 
Mass

ppm Mass 
Error

m/z Formula Mass loss Formula Loss Theoretical 
Mass

ppm Mass 
Error

379.1040 C11H19N6O7S 379.1030 2.53 299.1460 C11H19N6O4 299.1462 0.77
299.1464 C11H19N6O4 79.958 -SO3 299.1462 0.67 281.1353 C11H17N6O3 18.0107 -H2O 281.1357 1.28
281.1350 C11H17N6O3 97.969 -SO3, -H2O 281.1351 0.43 257.1240 C10H17N4O4 42.0220 -CH2N2 257.1244 1.67
221.1145 C9H13N6O 157.990 -SO3, H2O, C2H4O2 221.1145 0.00 239.1157 C10H15N4O3 60.0303 -H2O, -CH2N2 239.1139 7.65
204.0880 C9H10N5O 175.016 -SO3, -H2O, -C2H4O2, - NH3 204.0880 0.20 204.0880 C9H10N5O 95.0580 -H2O, - H2O, -NH2, - 204.0880 0.05
240.0981 C10H14N3O4 139.006 -SO3, -CH5N3 240.0979 0.92 197.1030 C8H13N4O2 102.0430 -C2H4O2, -CH2N2 197.1033 1.52
180.0771 C8H10N3O2 199.027 -SO3, -CH5N3, C2H4O2 180.0768 1.94 179.0927 C8H11N4O 120.0533 -C2H4O2, -CH2N2,      -H2O 179.09274 0.22
162.0663 C8H8N3O 217.038 -SO3, CH5N3, - C2H4O2, - H2O 162.0662 0.68 138.0673 C6H8N3O 161.0787 -C2H4O2, -CH2N2, -H2O, - 138.0662 8.04
102.0661 C3H8N3O 277.038 -C2H3O, - C6H8N3O5S 102.0662 0.88 96.0442 C5H6NO 203.1018 -CH2N2, - CH4N3, - 96.0444 1.98
72.0556 C2H6N3 307.048 -C9H13N3O7S 72.0556 0.28 83.0604 C4H7N2 216.0856 -C2H3O2, -C5H9N4O2 83.0604 0.36
60.0557 CH6N3 319.048 -C10H13N3O7S 60.0556 1.33 72.0552 C2H6N3 227.0908 -C9H13N3O4 72.0556 5.83

60.0557 CH6N3 239.0903 -C10H13N3O4 60.0556 1.33

m/z Formula Mass loss Formula Loss Theoretical 
Mass

ppm Mass 
Error

m/z Formula Mass loss Formula Loss Theoretical 
Mass

ppm Mass 
Error

241.1405 C9H17N6O2 241.1408 1.04 283.1513 C11H19N6O3 283.1513 0.04
223.1295 C9H15N6O 18.011 -H2O 223.1302 3.09 241.1301 C10H17N4O3 42.0212 -CH2N2 241.12952 2.41
205.1192 C9H13N6 36.021 -H2O, H2O 205.1196 2.05 224.1032 C10H14N3O3 59.0481 -CH5N3 224.1030 1.03
177.0886 C7H9N6 64.052 -H2O, H2O, C2H4 177.0883 1.58 205.1194 C9H13N6 78.0319 -H2O, - C2H4O2 205.1196 1.07
164.0821 C8H10N3O 77.058 -H2O, CH5N3 164.0818 1.58 190.0958 C8H10N6 93.0555 -H2O, - C2H4O2, -CH3 190.0962 1.84

152.0819 C7H10N3O 89.059 -CH4N3, -CH3O 152.0818 0.39 181.1082 C8H13N4O 102.0431 -C2H4O2, -CH2N2 181.1084 1.05

136.0867 C7H10N3 105.054 -CH4N3, -H2O, -CH2O 136.0869 1.62 177.0883 C7H9N6 106.063 -C2H4O2, -H2O, - C2H4 177.0883 0.11

122.0711 C6H8N3 119.069 -CH4N3, -CH3O, -CH2O 122.0713 1.39 164.0825 C8H10N3O 119.0688 -C2H4O2, -CH5N3 164.0818 4.02
110.0712 C5H8N3 131.069 -C4H8N3O, - OH 110.0713 0.64 146.0713 C8H8N3 137.08 -C2H4O2, -CH5N3, -H2O 146.0713 0.21

94.0650 C6H8N 147.076 -C3H9N5O2 94.0651 1.28 136.08679 C7H10N3 147.06451 -C2H4O2, -CH3N3, -CH2O 136.0869 0.96

80.0492 C5H6N 161.091 -C4H11N5O2 80.0495 3.44 122.0713 C6H8N3 161.08 -C2H4O2, -CH3N3, -C2H4O 122.0713 0.25

72.0556 C2H6N3 169.085 -C4H11N5O2 72.0556 0.28 110.0713 C5H8N3 173.08 -C2H4O2, -C4H8N3O 110.0713 0.27

69.0447 C3H5N2 172.096 -CH3O, - C5H9N4O 69.0447 0.29 72.0554 C2H6N3 211.0959 -C9H13N3O3 72.0556 3.05
60.0555 CH6N3 181.085 -C8H11N3O2 60.0556 2.00 60.0556 CH6N3 223.0957 -C10H13N3O3 60.0556 0.33

D: LWT6

C: LWT5A: LWT1

B: LWT4
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Figure 2.2 Normalized MS peak area vs. mass of lyophilized L. wollei. The peak area of 
each toxin was normalized against the MS response from the lowest mass of algae. 
  

0.0

0.5

1.0

1.5

2.0

2.5

3.0

0 50 100 150 200 250 300

Pe
ak

 A
re

a 
N

or
m

al
ize

d

mg lyophilized algae

LWT1 LWT4 LWT5 LWT6



 

 50 

 

Figure 2.3 Calibration curve for saxitoxin, a model LWT, in 0.1 M acetic acid (red) and in 
algal extract (blue). 
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Figure 2.4 Normalized MS peak area of LWTs and saxitoxin in the algal matrix as a function 
of (log10) dilution factor. Peak area is normalized against the area at a dilution factor of 
one. Inset: Calibration curve of saxitoxin, a model LWT, in an extract of algae diluted by a 
factor of 50. 
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Figure 2.5 Normalized MS peak area vs. mass of lyophilized L. wollei. The peak area of 
each toxin was normalized against the MS response from the lowest mass of algae (25 
mg). Response as a function of dry mass is linear for all 4 toxins (r2 = 0.952 to 0.994). 
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CHAPTER 3 

INVENTORY OF LYNGBYA WOLLEI TOXINS IN LAKE WATEREE, SOUTH 

CAROLINA
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3.1 ABSTRACT 

The occurrence and distribution of the benthic filamentous algae Lyngbya wollei 

was determined for Lake Wateree, SC over the period of July 2018 - February 2019. A 16S 

rRNA gene sequence was recovered from a sample of collected algae to verify microscopic 

determination of the presence of Lyngbya wollei as the dominant algal species in grab 

samples from the bloom. Grab samples were routinely collected in Lake Wateree from 

Lyngbya wollei beds over the same time period and evaluated for the presence and 

concentration of Lyngbya wollei toxins 1-6. Samples were lyophilized, extracted, and 

extracts were subjected to analysis by liquid chromatography-mass spectrometry (LCMS) 

for toxin determination. Grab samples presented as fibrous masses and the organic 

carbon and ash contents were determined for all samples taken. Lyngbya wollei toxins 1, 

4, 5, and 6 were observed in all locations sampled over the measured time period. 

Standard reference Lyngbya wollei toxins were unavailable; therefore, LWT5 and LWT6 

were quantified against their structural analogue saxitoxin and normalized against 

organic carbon content. The mass of inorganic material trapped in the fibers (~ 35% ash 

content by dry weight) was recorded. Toxins did not exhibit temporal or location-based 

trends over the 8-month period (r2 < 0.57). Algal occurrence maps and mean toxin 

concentrations were used to estimate an approximate total Lyngbya wollei toxin 

inventory for Lake Wateree 

3.2 INTRODUCTION 

The occurrence of harmful algal blooms (HABs) and associated emergent health 

risks has increased in recent years with climate change being cited as one of the largest 
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factors in their growth.1, 2 HABs develop when aquatic conditions combine to cause the 

proliferation of algae into the water column due to eutrophication, chemical and 

biological mechanisms, and anthropogenic activities.3 The presence of HABs can affect 

recreational, agricultural, and drinking water resources, leading to a decrease in overall 

water quality.4-7 Cyanobacteria are particularly responsive to climate change and their 

growth rates correlate strongly and positively with higher temperatures, increased 

stratification, and increased anoxia.1-3 Cyanobacteria occur naturally in the water column 

as freely moving and benthic organisms. Benthic cyanobacteria are particularly notable 

because their communities can support enormous amounts of biomass, exceeding kg wet 

weight/square meter of sediment surface. Cyanobacteria have a very active secondary 

metabolism, producing more than 300 bioactive compounds8-10 some of which are known 

as cyanotoxins.  

The cyanobacterial toxins are a structurally diverse group of secondary 

metabolites that are produced by a relatively small subset of cyanobacteria.8, 11, 12 such as 

Cylindrospermopsis,13-15 Anabaena,16, 17,and Microcystis.18, 19 Several regulatory bodies 

including the United States Environmental Protection Agency and World Health 

Organization, have developed drinking water guidelines in recognition of the toxicity of 

cyanobacterial toxins to human beings.20-22 Saxitoxins (also known as paralytic shellfish 

toxins or neurotoxins) are produced from marine genera, such as Alexandrium,23-25 

Gymnodinium,26 and Pyrodinium,27, 28 and freshwater species, such as Anabaena,29-31 

Aphanizomenon,32-34 Cylindrospermopsis,35 Planktothrix,36 and Scytonema.37, 38 Saxitoxin 

and its analogues include more than 50 structurally related compounds with varying 
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toxicity as a function of structure.39 Although some saxitoxin analogue structures may 

initially be non-toxic, the structural modifications accompanying their hydrolytic or 

enzymatic degradation may lead to the formation of structures with toxicity approaching 

that of saxitoxin. Thus, non-toxin analogues may serve as pro-toxin reservoirs and their 

presence in the environment cannot be ignored.40  

Lyngbya wollei is a filamentous benthic cyanobacteria capable of producing 

biomass in excess of 20 kg/m2 and has been cited as producing saxitoxin analogues in 

freshwater and brackish ecosystems.41-45 More specifically, Lyngbya wollei is responsible 

for the production of several decarbamoyl -saxitoxins and -gonyautoxins, as well as 

Lyngbya wollei toxins 1 thru 6 (LWTs).40, 45, 46 

An algae bloom of the species Lyngbya wollei (Farlow ex Gomont) Speziale & Dyck 

was identified in Lake Wateree, South Carolina in 2018. Lake Wateree is located in 

Kershaw, Fairfield, and Lancaster counties in South Carolina. It is a man-made 

impoundment at the confluence of the Catawba River and Wateree Creek and ultimately 

joins in with the Santee watershed, draining through the greater Charleston area through 

the coast. Lake Wateree is a source of water for both recreation and drinking for 

surrounding communities and encompasses approximately 190 miles of shoreline.  The 

presence of algae within the lake was mapped several times throughout the summer 

months and nutrient data was collected throughout the lake on separate trips.  

Algae samples were collected to survey the biomass and to monitor its spread and 

potential toxin accumulation (Figure 3.1). Three locations (Coves 1, 2, and 3) were 

monitored biweekly from June 2018 through February 2019. The presence of LWT1, 
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LWT4, LWT5, and LWT6 was observed in all algal samples collected and their 

accumulation in three locations was analyzed. The purpose of this study was to monitor 

the presence of algae and estimate a total toxin inventory within the lake. 

3.3 MATERIALS AND METHODS 

3.3.1 MATERIALS 

All chemicals were used as received. All aqueous solutions used 18 M: cm-1 

(Barnstead E-pure) water. All glassware was acid washed in 2M HCl/0.1 M oxalic acid prior 

to oxidation in a muffle furnace. Acetonitrile (LCMS grade) was obtained from VWR BDH 

chemicals. Ammonium formate (98+%) was purchased from Alfa Aesar. Formic acid 

(certified ACS), glacial acetic acid (certified ACS Plus), and hydrochloric acid (certified ACS 

Plus) were purchased from Fisher. Saxitoxin dihydrochloride in dilute hydrochloride 

standard solutions were obtained from NIST and Abraxis Inc. 

3.3.2 SAMPLING  

Five sampling trips were taken to map the presence of algae along the shoreline 

of Lake Wateree during 2018 (Figure 3.1). Samples were collected from the surface of 

floating mats into 50-mL sterile centrifuge vials. Three locations readily accessible from 

land were chosen to monitor the presence of algae routinely throughout the year: Cove 

1 (Deer Run Cove [34.416054, -80.863473]), Cove 2 (Buck Hill Landing [34.334926, -

80.708297]), and Cove 3 ([34.364058, -80.699524]). Collected samples were stored on ice 

for transport. 
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3.3.3 EXTRACTION METHOD 

Samples stored on ice were further frozen using liquid nitrogen and then 

lyophilized using a Labconco FreeZone 6 lyophilizer immediately upon arrival to the 

laboratory. Lyophilized samples were stored at -20qC until extraction. Approximately 100 

mg of dry weight algae was extracted with 10 mL of 0.1 M acetic acid. Samples were 

shaken, sonicated for 15 minutes, and centrifuged for 5 minutes. An aliquot was removed, 

filtered through a 0.45-micron nylon filter, diluted by a factor of 50 in 0.1 M acetic acid, 

and analyzed by liquid chromatography mass spectrometry.  

3.3.4 UPLC-MS/MS 

Algae samples were analyzed by a Waters (Milford, MA, USA) Acquity ultra 

performance liquid chromatography (UPLC) coupled with a Xevo triple quadrupole mass 

spectrometer (MS/MS) equipped with an electrospray ionization source (ESI). Separations 

were performed on a BEH Amide (2.1x150 mm) 1.7 µm particle size column (Waters). The 

mobile phases were aqueous 5.6 mM formate buffered at pH 3.5 (A) and 95/5, 

acetonitrile/water 5.6mM formate buffer at pH 3.5 (B)  The chromatographic method 

began initially with 80% B held for one minute, ramped to 60% B over the next 3 minutes 

and held for 2 minutes, at 7 minutes ramped back to the original conditions over one 

minute (80% B) and held for re-equilibration for 8 minutes (16 minutes total). 

Saxitoxin (m/z = 300) was used as a model calibration standard for LWT5 since no 

commercial standard is available. All saxitoxin calibrations solutions were made up in 3 

mM HCl and source conditions were optimized manually. All algae samples collected were 

analyzed by UPLC-MS/MS in the positive ion mode. Analytes of interest were optimized 
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manually through chromatography from solutions of extracted algae. Selected ion 

monitoring (SIM) was used for analysis of LWT1 (m/z = 379), LWT4 (m/z = 241), LWT5 (m/z 

= 299) and LWT6 (m/z = 283).  

3.3.5 ORGANIC CARBON AND ASH ANALYSIS 

Carbon was analyzed from lyophilized algae samples using a solid sample total 

organic carbon analyzer (Shimadzu Inc., Columbia, MD). Approximately 40 mg dry weight 

of algae was placed into a tared ceramic boat, which was then combusted in a 900° C 

furnace with excess ultra-high purity oxygen (Airgas Inc.). Glucose was used as the 

calibration standard. Post-combustion weight was recorded to determine inorganic (non-

combustible) content. 

3.3.6 16S RRNA ANALYSIS 

Amplification and sequencing of the 16S rRNA was performed at MR DNA 

(www.mrdnalab.com, Shallowater, TX). BLASTn was used to taxonomically classify the 

final operational taxonomical units using databases derived from RDPII and NCBI.  

3.4 RESULTS  

3.4.1 CARBON AND INORGANIC CONTENT 

Total carbon and inorganic material were measured for each algae sample 

obtained. Samples showed a broad range of carbon and inorganic content between 

samples collected at the same time and location as well as throughout the sampling 

period. Average percent carbon ranged from 21% to 40%, while average percent inorganic 

material ranged from 14% to 49% (Figure S1). Variation shows a random distribution with 
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no clear trend, indicating the inorganic content is unique to each sample and cannot be 

examined as a bulk average property. 

3.4.2 TOXIN INVENTORY 

Algae samples were collected from Coves 1, 2, and 3 regularly between June 2018 

and May 2019. LWT1, 4, 5, and 6 were qualified in every sample taken at every location 

over the sampling period. Reference standards for the LWTs are not commercially 

available, therefore LWT5 and LWT6 were quantified against saxitoxin, a close structural 

analogue. Qualitative differences in the fragmentation behavior of LWT1 and LWT4 

compare to saxitoxin made the direct quantification of the former by the same technique 

inadvisable. The raw peak areas of LWT1 and LWT4 combined comprised 6% or less of the 

total toxin method response and were considered trace components of the system. 

Trends in the LWTs over time were investigated by determining the slope of 

LWTX/LWTXmin vs sampling date over the 8 month sampling periods for each location, 

where LWTX refers to the given Lyngbya wollei toxin and LWTXmin refers to the lowest 

method response obtained from the same toxin over the sampling period. The normalized 

LWTX response, normalized on a per g carbon basis showed essentially a flat relationship 

vs time (Figure 3.2, Cove 1 for LWT1, 4, 5, and 6 is presented for illustrative purposes in 

text and the same data for Coves 2 and 3 in Figure C.2 and C.3). The hypothesis of seasonal 

and conditional variation affecting the concentration of the LWTs has been proposed 

previously 45, 47 however no statistically significant variation was observed in this work 

(Table 3.1, r2 < 0.57 for all toxin measured vs time). Sample to sample variation of less 

than a factor of five indicated unusually tight agreement between grab samples from a 
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harmful algal bloom. An average toxin amount from each location demonstrates the 

variation between location and location composition (Figure 3.3). The lake wide average 

total toxin loading (micrograms of LWT5 and LWT6 summed/g carbon) for the algae 

samples collected from Cove 1, 2, and 3 over the sampling season were 276 Pg/g carbon, 

466 Pg/g carbon, and 450 Pg/g carbon respectively.  

3.5 DISCUSSION  

The toxin amount of LWT1, LWT4, LWT5, and LWT6 over time presented here 

provides unprecedented time resolution for these four toxin’s presence in Lyngbya wollei. 

Total carbon in Lyngbya wollei is presented as a normalization technique to decrease 

noise from inorganic material inherent to the sampling technique. Variation in inorganic 

content in samples is large; therefore, inorganic content must be measured in each 

individual sample as an important quality control step to ensure the sample is properly 

corrected. Toxin amounts were monitored in Lake Wateree over a growing and dormant 

season (June thru February), however no spatial or temporal trends were observed. 

Without commercially available standards, saxitoxin was used as a surrogate calibration 

standard to generate LWT concentrations in saxitoxin equivalents within Lyngbya wollei 

cells. Normalized against g carbon, high Pg saxitoxin equivalents were observed in three 

locations in Lake Wateree (276 Pg/g carbon, 466 Pg/g carbon, and 450 Pg/g carbon). On 

average, Lyngbya wollei is 32% carbon (r7%) and loses approximately 82% of its weight 

during freeze drying. Lyngbya wollei is a high biomass producing benthic algae, with 

biomass estimates in the literature that range from 20-30 kg/m2 fresh weight. 
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Concentrations of LWTs in Lake Wateree could range from 477 mg/m2 to 805 mg/m2 of 

saxitoxin equivalent toxin concentration. 
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Figure 3.1. Map of Lake Wateree, recorded occurrence of Lyngbya wollei, and 
quantity of samples per each location.
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Figure 3.2. LWTX/LWTXmin for LWT1, LWT4, LWT5, and LWT6 for Cove 1 from June 2018 to February 2019. 
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Table 3.1. Slope and R2 from best fit line of each toxin’s 
peak area vs. date from Cove 1, Cove 2, and Cove 3.  

Toxin Cove 1 Cove 2 Cove 3 
Slope R2 Slope R2 Slope R2 

LWT1 -0.311 0.2021 NA NA -0.5657 0.0771 
LWT4 -0.900 0.3800 0.2344 0.0195 -0.2638 0.0014 
LWT5 -12.15 0.4308 -8.523 0.0320 -4.846 0.0234 
LWT6 -24.60 0.5736 -14.185 0.4179 -29.737 0.5247 
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Figure 3.3. Total average LWT amount for Cove 1, Cove 2, and Cove 3. 
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CHAPTER 4 

AUTOXIDATION PROVOKES SYNERGISTIC REACTIVE OXYGEN SPECIES 

FORMATION IN NATURAL WATER
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4.1 ABSTRACT 

Reactive oxygen species (ROS) including hydrogen peroxide and superoxide have 

been measured in many natural waters but their provenance is poorly understood. Here 

we show the importance of the autoxidation to the rate and yield of hydrogen peroxide 

formation in several different natural waters in the absence of photons, using the 

autoxidation of gallic acid as a source of ROS. Baseline hydrogen peroxide generation from 

the autoxidation of GA was established over the pH range 5-9 and compared to that 

observed after the addition of GA to a series of natural waters (filtered and unfiltered). 

The direct oxidation of GA by dioxygen initiated the process but the bulk of the oxidation 

was through a free radical chain reaction that relied on superoxide as the primary carrier 

(indicated by the effects of added superoxide dismutase). In unfiltered natural waters the 

rate of GA oxidation increased by a factor of 5-10 relative to laboratory water, depending 

on the water source. The addition of a metal chelating agent reduced this rate to the same 

as laboratory water, indicating metals were important catalysts for this process. An 

experimental rate constant for superoxide and NOM was determined (2.18 ppm DOC-1 hr-

1). Results indicated that up to approximately 90% of hydrogen peroxide in natural waters 

may be tied to the autoxidation of natural organic matter. 

4.2 INTRODUCTION 

The autoxidation of organic carbon by dioxygen is thermodynamically favorable 

but spin forbidden, and so is kinetically limited under conditions common to surface 

waters.1 However, a few naturally occurring organic molecules, including some of the 



  75 

hydrolysis products of lignin, are known to react directly with dioxygen to produce 

reactive oxygen species (ROS). ROS are the partial reduction products of dioxygen and 

include several species whose reactions with organic carbon are kinetically facile, 

particularly superoxide, hydrogen peroxide, and hydroxyl radical (presented in aggregate 

because the concentrations of the three ROS are proportionate with each other through 

Fenton-type reactions, although their instantaneous concentrations are typically quite 

different).2 ROS are widespread in natural waters, but typically only present at 

micromolar or lower concentrations, a consequence of their high bimolecular rate 

constants for reactions with natural organic carbon.3  

Sources of ROS in surface waters include a manifold of photochemical and other 

processes (Figure 4.1). The photolysis of aqueous nitrate leads to the formation of oxide 

radical (pKa = 11.5),4 which protonates at pH values commonly found in surface waters to 

yield the hydroxyl radical.5, 6 The photolysis of Fe(III)-ligand (L) complexes can directly lead 

to hydroxyl radical formation when L = H2O or HO- with concurrent production of Fe(II). 

However, dissolved Fe(III) is more likely to be associated with an organic ligand, leading 

to oxidation of the ligand and production of ferrous species that in turn can be oxidized 

by atmospheric oxygen to yield ferric iron and superoxide (pKa 4.8).3, 7, 8 The 

photoexcitation of dissolved organic matter leads to the apparent formation of several 

ROS, including superoxide, hydrogen peroxide, singlet oxygen, and hydroxyl radical.9, 10 

Outside the photic zone, ROS production appears to be dominated by the redox chemistry 

of Fe(II). Underwater groundwater discharge and tidal water movement releases Fe(II) 

species from sedimentary porewaters to oxygen-containing regions in the water column, 
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resulting in the production of superoxide and hydrogen peroxide as it oxidizes.11-13 

Catalytic versions of this system exist where reduced natural organic matter (NOM) or 

hydrogen sulfide drive the reduction of resultant Fe(III) species back to Fe(II).13-15 Reactive 

oxygen species are also associated with surface and groundwaters in both marine and 

freshwater environments, as in microbial production of superoxide.3, 16-19 

The reactions illustrated in Figure 4.1 are primary sources (i.e. radicals derived 

from non-radical species during initiation) of ROS and the provenance of ROS is usually 

ascribed to them. However, another possible source of ROS in surface waters are the 

secondary reactions associated with the decay of peroxyl radicals (i.e. radicals derived 

from radicals during chain propagation, particularly related to autoxidation).20-24 The 

reactions of hydroxyl radical and superoxide with organic carbon are known to lead to the 

production of carbon centered radicals.25 Carbon centered radicals may react with 

themselves through dimerization, fragmentation, or dismutation, but they also react 

(generally) with dioxygen with very high bimolecular rate constants that typically 

approach diffusion controlled. This coupling reaction leads to the formation of peroxyl 

radicals.26 Peroxyl radicals experience a manifold of decay pathways including several that 

result in the release of additional superoxide or hydrogen peroxide.27 The latter ROS 

enable the oxidation of additional organic matter, with the net radical chain process 

described as autoxidation.20, 25, 28-31 

Autoxidative processes have been shown to be important for the redox cycling of 

naturally occurring and anthropogenic metals, as well as several classes of organic 

materials, particularly quinones and halogenated molecules.29, 32-39 The autoxidation of 
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phenolic acids in the presence of redox-active transition metals is thermodynamically 

capable of supporting the incidental co-oxidation of several pesticides, including carbaryl, 

atrazine, and 2,4,5-T (although the kinetics of this are dependent on solution 

conditions).40 The oxidation of phenolics by hydroxyl radical leads to the formation of 

significant amounts of hydrogen peroxide in solution.41, 42 This is not limited to aromatic 

structures; the oxidation of aliphatic acids has also been shown to lead to hydrogen 

peroxide formation under conditions ranging from laboratory grade water to cloud 

water.43 Here we report the potential of NOM, derived from several different natural 

waters, to develop ROS through autoxidation in the absence of added photons, transition 

metals, or peroxides. This was accomplished by the addition of a radical initiator; gallic 

acid (GA), with its autoxidation serving as the initiator for the superoxide driven 

production of ROS from NOM.44, 45 

The autoxidation of GA in laboratory and natural waters was characterized with 

respect to its ability to influence the rate of ROS production and consume GA at pH 5-10, 

representative of most surface waters.46 This process was systematically repeated in 

surface waters collected from several locations in the Saluda and Santee watersheds in 

South Carolina, including the Congaree River, a secondary stream (Cedar Creek), a 

stagnant slough (Old Bates River), and a lake (Lake Marion). Natural waters were 

characterized for pH, dissolved organic carbon, and a suite of transition metals (Tables 1 

and C.2). In all cases the addition of GA to these waters resulted in dramatic increases in 

the rate of ROS formation relative to that observed in solutions of GA or NOM alone. 
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Hydrogen peroxide production was also dependent on dissolved transition metals, 

although the relationship was not rectilinear (vide infra). 

4.3 MATERIALS AND METHODS 

4.3.1 MATERIALS 

Gallic acid (98+%, 3,4,5-trihydroxybenzoic acid) and diethylenetriaminepenta-

acetic acid (98+%, DTPA) were purchased from Alfa Aesar. Sodium bicarbonate, 

acetonitrile (HPLC Grade), and hydrochloric acid were obtained from BDH. Horseradish 

peroxidase (HRP) was obtained from Sigma-Aldrich and 10-acetyl-3,7-dihydroxy-

phenoxazine (Amplex Red, 97%) was purchased from American Advanced Scientific. Both 

were stored in a desiccator at -5oC. Dibasic sodium phosphate (certified ACS) and formic 

acid (certified ACS) was purchased from Fisher. All chemicals were used as received. 

Laboratory water was deionized to a resistivity of 18 M: cm-1 (Barnstead E-pure) and 

ozonated for at least 5 hours to remove all organic material. Aqueous solutions were 

made up in this water; residual ozone had been purged by N2. All glassware was acid 

washed in 2 M HCl/0.1 M oxalic acid prior to oxidation in a muffle furnace.  

4.3.2 PROCEDURE  

All experiments were performed in triplicate and results averaged. The resulting 

standard deviations are presented in figures as error bars. All experiments were 

conducted under dim red light. GA stock solutions were made fresh daily in 0.1 M sodium 

bicarbonate, with pH pre-adjusted to the desired condition. Experiments were initiated 

by the addition of GA stock solutions to air saturated solutions (10-fold molar excess of 
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oxygen relative to GA, [O2] = 250 PM) made from either ASTM grade water or natural 

waters buffered with 0.1M sodium bicarbonate at the desired pH condition. Experiments 

took place in 20 mL vials open to the atmosphere with continuous stirring. Aliquots of the 

resulting mixture were removed periodically and quenched by acidification. Samples 

were immediately measured for hydrogen peroxide and GA (below).  

4.3.3 HYDROGEN PEROXIDE BY FLUORESCENCE 

Hydrogen peroxide was measured indirectly by the Amplex Red¥ technique,47-49 

which is based on conversion of the Amplex Red¥ reagent to resorufin by HRP. Amplex 

Red¥ indicator solution (ARI), 100 mM, was made fresh in 50 mM sodium phosphate 

buffer (pH = 7.5) before each use. Hydrogen peroxide samples were transferred into pre-

charged vials containing 0.01 M DTPA in 50 mM phosphate buffer adjusted to a pH of 7.5. 

200 PL of the resulting solution was mixed with 100 PL of ARI solution in a 96-well plate. 

After a 30-minute incubation period fluorescence was measured with a SpectraMax M5 

microplate reader (Molecular Devices Corporation). Stock solutions of hydrogen peroxide 

were standardized by direct absorbance of H2O2 at 254 nm and calibration curves 

generated daily. The concentration of Amplex Red¥ was at least 10 times higher than GA 

during analysis in the 96-well plate to minimize the possibility of artifacts from 

competitive GA oxidation. Net oxidation of GA at the conditions required for the Amplex 

Red¥ technique could have contributed a maximum of 5% positive systematic error to 

the maximum measured hydrogen peroxide concentration under the given pH condition 

(Figure D.4).  
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4.3.4 GALLIC ACID BY UPLC-ESI-MS/MS  

The concentration of GA was monitored with a Waters (Milford, MA, USA) Acquity 

ultra performance liquid chromatography (UPLC) coupled with a Xevo triple quadrupole 

mass spectrometer (MS/MS) equipped with an electrospray ionization source (ESI). 

Separations were performed on a BEH C18 (2.1x50 mm) 1.7 µm particle size column 

(Waters). The mobile phase was initially 95%/5% aqueous (A)/acetonitrile (B), with both 

phases made up to 0.1% formic acid (v/v) with the following gradient program: at 0.8 

mins, 80% A, at 1 min 10% for 0.05 mins, 1.5 mins back to 95% A. GA eluted at 0.49 min 

at a flow rate of 0.6 mL/min (Figure D.1). Full scan spectra of standard solutions were 

acquired for qualification of GA (Figure D.2). Multiple reaction monitoring (MRM) was 

used to quantify GA using the transition of m/z = 169 to m/z = 125, corresponding to the 

loss of the carboxylic acid group in the negative ionization mode. Source parameters for 

this transition were optimized manually (Table D.1). Data was processed using MassLynx 

software (V.4.1). A calibration curve was done with GA standard solutions made up in 

aqueous mobile phase to prevent oxidation artifacts. 

4.3.5 NATURAL WATER SAMPLES  

Water samples were obtained from four locations within South Carolina (Figure 

D.3). Sample locations included a lake site; (Site 1, Low Falls Landing in Lake Marion, 

33.632256, -80.543134), a forested slough on the Congaree River (Site 2, Old Bates River, 

33.785559, -80.635637), a forested secondary creek exiting the Congaree National Park 

(Site 3, Cedar Creek, 33.818651, -80.787909), and an urban boat landing on the Congaree 

River (Site 4, Rosewood Landing, 33.964918, -81.036215). Filtered samples were passed 
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through a 0.45-micron filter and buffered to pH 8.3 in 0.1M sodium bicarbonate. Buffered 

natural water blank experiments had no observable hydrogen peroxide formation (Figure 

D.4).  

The total dissolved organic carbon (DOC) content in each sample was determined 

using a TOC-L Total Organic Carbon Analyzer (Shimadzu Corporation, Table 4.1). Samples 

were filtered using a 0.2-micron pore size filter and acidified with HCl. Potassium 

hydrogen phthalate was used for calibration standards.  

4.3.6 METAL ANALYSIS 

Inductively coupled plasma mass spectrometry (ICP-MS) was used to analyze 

metals in the natural water samples using a modified EPA method 200.8. Each natural 

water was also filtered and analyzed to resolve between total and dissolved metal 

sources. Particulate metals were determined by subtracting dissolved from total. Non-

redox active and trace metals and elements are reported in Table C.2. Redox active metals 

(iron, copper, manganese, and nickel; dissolved and particulate) are shown in Table 4.1. 

4.4 RESULTS AND DISCUSSION  

4.4.1 GALLIC ACID AS AN ROS SOURCE 

This work was based on the application of GA autoxidation as a consistent source 

of superoxide in the absence of applied photons or transition metals. GA is tetraprotic 

with two pKas in the environmentally relevant range (in bold): 4.8, 8.8, 11.0, and 13.0. Its 

oxidation was initiated by the direct reaction of the GA dianion with dioxygen to yield 

superoxide and a suite of unstable GA-derived radical intermediates.50 GA oxidation, 
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defined as the net oxidation of GA and its kinetically unstable products, was spontaneous 

in air saturated solutions under all conditions tested (Figure 4.2). The kinetics of GA 

oxidation were complex and often displayed an induction period, consistent with 

autoxidation (Figure D.4).51 The induction period was defined in this work as the period 

post-GA addition corresponding to an experimentally observed loss rate statistically 

indistinguishable from zero. All experimental rates of GA oxidation were obtained after 

the induction period. GA oxidation was zero order in GA under all conditions. Rates were 

pH sensitive (Figure 4.2) consistent with the proposed initiation step in which dioxygen 

has been proposed to react directly with the dianion (Figure 4.3, Equation 4.1). 50  

A series of reactions was proposed consistent with the observed results (Figure 

4.3), based on the observation that superoxide was the chain carrier. The reactions 

presented in Figure 4.3 are simplified proposed steps for possible reactions. Superoxide 

was also proposed as the primary source of hydrogen peroxide, either through its direct 

reduction by an organic substrate or through dismutation. Superoxide was generated by 

the direct one electron reduction of oxygen by GA (Equation 4.1) and the reaction of GA 

oxidation products (GAox) with oxygen (Equation 4.4). Superoxide acted as the chain 

carrier by reacting with either GA, GA derived oxidation products, or with itself (Equations 

4.3, 4.5, and 4.11, respectively). Hydrogen peroxide generated in the system can also 

react with either GA or GA derived oxidation products (Equations 4.6 and 4.7). The 

involvement of superoxide and its conjugate acid, the hydroperoxyl radical as chain 

carriers and sources of hydrogen peroxide was the chief justification for the use of this 

system as a probe for the ability of NOM to produce ROS during autoxidation. We 
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proposed that NOM can react with either GA, superoxide, or hydrogen peroxide, to be 

oxidized and produce ROS, such as hydrogen peroxide and hydroxyl radical (Equations 

4.8, 4.9, and 4.10).  

Hydrogen peroxide was generated during GA oxidation at all pHs tested (pH 5-10), 

as indicated by the Amplex Red method (Figure D.5). Hydrogen peroxide formation was 

constant after an initiation period (Figure 4.4). The post-induction experimental rate 

varied with pH in a manner consistent with the rate of GA oxidation (Figure 4.4). The mean 

ratio of the rates of GA oxidation over hydrogen peroxide formation was constant over 

the studied pH range, with a value of 1.51 and an RSD of 15.5% (Figure D.6). This ratio 

indicated a constancy in mechanism for the rate determining step of the process. The 

induction period between GA loss and hydrogen peroxide formation was consistent with 

an extensive autoxidation mechanism that involved the extraction of multiple reductive 

equivalents per mole of GA (Figure D.7). The constancy of hydrogen peroxide produced 

per mole of GA in the system was probed by monitoring the ratio of the instantaneous 

concentration of hydrogen peroxide relative to the initial concentration of GA for a range 

of GA concentrations (Figure 4.5). The development of hydrogen peroxide over time 

varied linearly with the amount of GA in the sample under all conditions tested, consistent 

with the hypothesis that hydrogen peroxide formation was independent of the initial 

concentration of GA.  

The source of hydrogen peroxide was tested by the addition of superoxide 

dismutase (SOD) to the system (Figure 4.6). SOD addition at t=0 caused the net rate of GA 

oxidation to fall by a factor of 12, from 17.2 (r 5.5) PM/hr to 1.4 (r 0.7) PM/hr, indicating 
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that GA oxidation was dominated by the chain reaction with superoxide as the chief 

carrier. The possible reaction of GA with hydrogen peroxide (Equation 4.6, Figure 4.3) was 

shown to be insignificant on the timescale of the experiment (Figure D.8), therefore 

oxidation of GA can be achieved by either the reaction of GA with dioxygen (Equation 4.1, 

Figure 4.3) or by superoxide (Equation 4.3, Figure 4.3). SOD was added to resolve between 

these two routes, by removing superoxide and converting it to hydrogen peroxide and 

oxygen. Accordingly, in the presence of SOD, GA oxidation was due solely to the relatively 

slow initiation reaction of GA oxidation by dioxygen (Equation 4.1, Figure 4.3). Since the 

rate of GA oxidation decreased in the presence of SOD, it was assumed that the chief 

chain propagation step for the oxidation of GA was oxidation by superoxide, Equation 4.3. 

Although SOD added dissolved oxygen back to the system, and oxygen was an important 

initiator, the amount added was trivial relative to dissolved oxygen present from constant 

aeration (approximately 250 PM). The ratio of these rates indicated only 8% of the 

hydrogen peroxide produced was a consequence of dismutation, where 92% of the 

production was a result of the chain reaction; i.e. chain propagation was approximately 

12 repeat reactions. In the absence of added photons and transition metals, GA was able 

to produce ROS, thus acting as a source of superoxide and hydrogen peroxide.  

4.4.2 GA OXIDATION IN NATURAL WATERS 

Natural water samples, collected from four different sites in South Carolina (vide 

supra), contained 7.31-13.06 ppm NOM (as DOC). Total Fe in the natural waters ranged 

from 0.12-5.51 ppm). Hydrogen peroxide, spiked into unfiltered and filter-sterilized 
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natural waters as a control (buffered to pH 8.3), decreased with less than 10% decay rate 

over 240 min in all samples (Figure D.9). 

The role of photochemically derived sources of ROS in surface waters has been 

previously explored.3-10 Work presented here focused on characterizing the interaction of 

natural waters with ROS from non-photochemical sources, particularly those derived 

from the autoxidation of phenols. The experimental approach was based on incorporating 

the constituents of natural waters as factors in the GA autoxidation process, rather than 

apply GA as a selective and innocent probe for ROS.52, 53 This procedure provided insight 

on the capability of natural waters to support autoxidation, similar to previous work 

exploring the process by which ozone-initiated autoxidation of NOM affected its 

molecular weight.54, 55 GA oxidation was carried out in unfiltered natural water samples, 

buffered to pH 8.3 and the rate of GA autoxidation was observed along with concurrent 

hydrogen peroxide formation (Figure 4.7). GA oxidation was also carried out in filtered 

natural water samples (Figure D.10), under the same conditions. No significant difference 

was observed between the filtered and unfiltered samples under the tested conditions. 

In these conditions, GA oxidation was rapid relative to laboratory water experiments with 

an approximate increase in the rate of oxidation by a factor of 4 averaged for all natural 

waters relative to laboratory water and was essentially complete within 30 minutes of 

initiation. The rate of hydrogen peroxide production also increased by an approximate 

factor of 11 in natural waters relative to laboratory water experiments. Neither the 

experimental rate of GA oxidation, rate of hydrogen peroxide formation, or maximum 
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hydrogen peroxide level linearly correlated to the NOM or to particulate or dissolved 

metals (all r2 ≤ 0.65).  

The experiments were repeated, under the same pH conditions, in the presence 

of 2 mM DTPA to remove transition metals as a factor (Figure 4.8). In the absence of 

transition metals, the rate of GA oxidation and subsequent ROS formation were within 

the 95% CI to those seen in laboratory water, indicating that transition metals were clearly 

essential for achieving the maximum rate of ROS formation. GA was also oxidized, and 

hydrogen peroxide was measured in the absence of added NOM but in the presence of 

Fe(III) at concentrations that approximated the highest iron loadings (Figure D.11). Added 

Fe(III) suppressed the formation of hydrogen peroxide essentially to the zero, presumably 

by acting as a hydrogen peroxide scavenger. In natural waters, GA oxidation conditions 

that generated ROS at the highest rate contained transition metals and NOM; this 

indicated synergism between NOM and transition metals (Figure 4.8) during hydrogen 

peroxide production from GA oxidation (i.e. both were required to obtain the highest 

possible extent and rate of oxidation). Direct GA oxidation by dioxygen was minimal 

relative to the oxidation of NOM and GA by superoxide (Figure 4.6). The added Fe(III) 

experiment was unfortunately not exclusive, particularly if the rate of reaction of Fe(III) 

with superoxide (k = 1.5x108 M-1 s-1) was conditionally competitive with the rate of Fe(III) 

sequestration (implying precipitation) by phosphate. In addition, neither DTPA nor 

phosphate were kinetically selective for Fe(III) alone, and other redox active transition 

metals such as Cu could have played an important role in the outcome. Indeed, the failure 
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of NOM and Fe(III) to perfectly model the natural water suggested the system must be 

more complex. 

4.4.3 HYDROGEN PEROXIDE PRODUCTION RATES 

A goal of the work presented here was the development of a bimolecular rate 

constant for the reaction of superoxide with NOM, analogous to the procedures applied 

for the reaction of NOM with HO.56, 57 The role of superoxide as an essential chain carrier 

in this system imposed limitations on which strategy to use to solve for this rate constant. 

Free radical oxidations in environmental systems are often modeled as a series of 

summed first order processes; however, all superoxide-dependent reactions are barred 

from this by the constant role of superoxide disproportionation as a kinetically significant 

sink for superoxide and source for hydrogen peroxide (i.e. the analytically required 

inclusion of a parallel second order process). Given that these two species were the 

essential chain carrier for the measured reaction and measured product it would have 

been inappropriate to make the first order simplification in this case. The calculation for 

the bimolecular rate constant for the reaction of superoxide with NOM follows.  

The rate of hydrogen peroxide generation during GA oxidation in 18 M: water 

was developed as a comparative index for measuring the ROS contribution from the 

autoxidation of GA in the presence of NOM, and NOM’s potential to act as a source of 

ROS under these conditions.  

In laboratory water, the rate of hydrogen peroxide production (𝑑H2O2
𝑑t 𝐿𝑊

) was expressed 

(based on reactions in Figure 4.3) as:  



  88 

[4.12] 
𝑑H2O2

𝑑t 𝐿𝑊
= k3[GA][O2

−⋅] + k5[GAox ][O2
−⋅] − k6[GA][H2O2]

− k7[GAox ][H2O2] + k11[O2
−⋅]2 

The consumption of hydrogen peroxide by GA and its oxidation species (Equations 6 and 

7) was not significantly affected by exogenous hydrogen peroxide spiked into the reaction 

at relevant concentrations (Figure D.8). Addition of 5 PM hydrogen peroxide did not 

significantly change the slope of hydrogen peroxide production over the timescale of the 

experiment. This suggests hydrogen peroxide is formed as a stable or metastable 

termination step, therefore the contribution from Equations 4.6 and 4.7 were minimal 

under the given conditions. The equation then simplified to:  

[4.13] 
𝑑H2O2

𝑑t 𝐿𝑊
= k3[O2

−⋅][GA] + k5[O2
−⋅][GA𝑜𝑥] + k11[O2

−⋅]2 

The rate of hydrogen peroxide production during the GA autoxidation carried out in 

natural water (𝑑H2O2
𝑑t 𝑁𝑊

) experiments included a summative term “NOM” to describe the 

effects of NOM (unfiltered), so was expressed as:  

[4.14] 
𝑑H2O2

𝑑t 𝑁𝑊
= k3[GA][O2

−⋅] + k5[GAox ][O2
−⋅] + k11[O2

−⋅]2

+ k9[O2
−⋅][NOM]−k10[𝐻2𝑂2][NOM] 

The reaction between hydrogen peroxide and NOM was interrogated by spiking in 

hydrogen peroxide into the natural waters in the absence of GA. Hydrogen peroxide in 

the resulting solution was stable for the measured period (6 hours) in unfiltered and 

filtered waters (Figure D.9). Therefore, the contribution from Equation 4.10 was minimal 

under our conditions allowing 4.14 to be simplified to: 
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[4.15] 
𝑑H2O2

𝑑t 𝑁𝑊
= k3[GA][O2

−⋅] + k5[GAox ][O2
−⋅] + k11[O2

−⋅]2

+ k9[O2
−⋅][NOM] 

The hydrogen peroxide production from GA oxidation was either expressed as Equation 

4.13 (in laboratory water) or Equation 4.15 (in natural water) and they differ by the 

summative “NOM” term. Under both conditions the initiation of these reactions is 

controlled by the addition of GA into the reaction, Equations 4.13 and 4.15 were 

combined and rearranged to solve for the value of k9, an experimentally derived 

bimolecular rate constant for the reaction between superoxide and NOM (expressing 

NOM as ppm C): 

[4.16] 
k9 =

(𝑑H2O2
𝑑t 𝑁𝑊

− 𝑑H2O2
𝑑t 𝐿𝑊

)

[O2
−⋅][NOM]  

The rate of hydrogen peroxide production in laboratory experiments was 11.1 r 3.6 

PM/hr (n=7) and the average rate of hydrogen peroxide production in the four natural 

water experiments was 55.1 r 9.4 PM/hr (n=4). The concentration of superoxide (2.11 

PM) was estimated experimentally from the rate of hydrogen peroxide formation in the 

presence of SOD, with the assumption that dismutation only accounted for a fraction of 

the fate of superoxide (Scheme D.1).58 A second order mass dependent rate constant 

(Equation 4.16) for the reaction of superoxide with NOM was determined from the steady 

state concentration of superoxide and the experimental rates of hydrogen peroxide 

production for laboratory and natural water experiments using the averaged NOM 

concentration in the natural water experiments as 9.53 r 2.5 ppm.  
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[4.17] k9 =
(55.1 μM/hr − 11.1 μM/hr)

[2.11 μM][9.53 ppm] = 2.18 ppm−1 hr−1 

The numerator in Equation 4.17 was positive under all conditions studied, an indication 

of the positive contribution of NOM to formation of superoxide in the system. Although 

superoxide has been shown to be an effective nucleophile in aprotic solvents59 in aqueous 

solution its probable reactivity with NOM is expected to be dominated by one-electron 

oxidation or direct addition, with both leading to the formation of organoperoxides. Two 

possible termination steps that both produce hydrogen peroxide are dismutation of 

superoxide or peroxidation of NOM by superoxide. Under conditions when peroxidation 

1 of NOM dominated the fate of superoxide, hydrogen peroxide continued to evolve at a 

rate that was approximately a factor of 11 times faster than predicted based on 

dismutation alone. Therefore, the experimental rate constant for hydrogen peroxide 

formation from NOM was used to solve for conditions where superoxide was more likely 

to terminate with the stoichiometric production of hydrogen peroxide than by 

dismutation or progress through peroxidation to generate hydrogen peroxide at higher 

than predicted rates. Based on the measured rate constant, peroxidation dominated as 

the source of hydrogen peroxide at all conditions where the fractional fate of superoxide 

was equal or greater to 50%, as in: 

[4.18] Fraction of O2
−⋅reacting with NOM =

k9[O2
−⋅][NOM]

k9[O2
−⋅][NOM] + k11[O2

−⋅]2 

The dismutation of superoxide was pH dependent with the net rate of dismutation 

increasing from basic pH to a maximum at 4.8. The rate constant developed in Equation 

4.17 was used to estimate the fraction of superoxide reacting with NOM over the NOM 
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concentration range of 0 – 15 ppm at pHs of 6.2, 7.2, 8.2. (Figure 4.9). The model 

suggested that at basic pHs autoxidation of NOM was a significant if not dominant source 

for total hydrogen peroxide in natural waters, barring enzymatic loss of superoxide. 

4.5 CONCLUSIONS 

ROS are critically important abiotic links connecting reduced carbon and carbon 

dioxide in the carbon cycle. They are significant because they directly mineralize 

recalcitrant carbon and can structurally modify organic carbon to make it more 

bioavailable. The autoxidation of organic carbon is an intrinsically bimolecular process60-

63 that is often used to describe the chemistry of aqueous organoperoxyl radicals. 

Therefore, autoxidation can be expected to be a particularly significant source of ROS in 

waters with high concentrations of DOC; including runoff from melting permafrost,14, 15, 

64, 65 pore waters in episodically inundated soils,11-13 hydrothermal vent plumes,66-69 etc. 

The results discussed illustrate the need to examine ROS in natural waters in the context 

of initiation, propagation, and termination. Currently the bulk of studies that discuss the 

phenomena in the context of initiation, either photochemical or geochemical, and the 

role of the nature of NOM with respect to sources or molecular structure and its ability 

to affect autoxidative ROS yields is unknown. The possible effects on biota in surface 

waters are difficult to assess in a well-mixed water column, like in the sample sites at this 

study. It is also appropriate to point out a possible marine analogy, where several 

investigators have recently documented a deep water (depth > 1 km) superoxide maxima 

associated with microbial superoxide sources.3, 16, 17, 19 Indirect effects on biota can also 

be seen in work examining the natural distribution of antioxidant enzymes in the water 
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column. This work showed that metals were essential participants in this process but 

under the natural water conditions interrogated the native abundance of total metals 

saturated the system. This indicated a critical reaction between redox metals, organic 

oxidation intermediates, and superoxide, with metals far more in excess than the latter 

two in the studied system. These results imply that in environments with relatively low 

concentrations of dissolved metals like the Southern Ocean autoxidation of NOM may not 

be as significant a source of ROS as could be expected in fresh waters. 
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Table 4.1 Redox active metal and dissolved organic carbon content in the water at the 
four sites.  

Location   

Redox active metal 
concentration (ppb)* 

DOC (ppm) 

55Fe 59Ni 63Cu 55Mn 
(standard 
deviation) 

Low Falls Landing 
Total 393 2.53 3.2 42 

9.34 (0.16) Dissolved  221 1.39 0.97 1.3 
Particulate 172 1.14 2.23 41 

Oxbow Lake 
Total 5507 24 2.18 906 

13.06 (0.05) Dissolved  2294 9.78 3.07 492 
Particulate 3213 14.22 ND 414 

Cedar Creek 
Total 1609 6.96 0.8 27 

8.42 (0.03) Dissolved  748 3.55 1.33 14 
Particulate 861 3.41 ND 13 

Rosewood 
Landing 

Total 118 1.26 2.06 46 
7.31 (0.08) Dissolved  60 1.46 1.6 22 

Particulate 58 ND 0.46 24 
 
* Total and dissolved concentrations of the metals are represented by analysis of the 
unfiltered and filtered water samples, respectively, particulate concentrations were 
found by subtracting the dissolved from the total. ND means non-detect. 
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Figure 4.1 Sources of reactive oxygen species in the 
water column. Reactions below the dashed line 
represent reactions that are not restricted to the 
photic zone.  
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Figure 4.2 Rate of gallic acid loss over the pH range 5 – 10, Insert: gallic acid concentration 
over time at pH 7. The oxidation of gallic acid was zero order in GA in pH 7 buffered air-
saturated solution (insert). The observed slopes varied with pH (5-10 shown), 
corresponding with oxidation of the GA2- anion as the initiating step. All reactions took 
place in air-saturated 0.1 M sodium bicarbonate buffered solutions adjusted to the 
appropriate pH.  
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Initiation 
[4.1] GA + O2 →  GAox + HO2

⋅  𝑘1 

[4.2] HO2
⋅  ⇌ H+ + O2

−⋅ 𝑝𝐾𝑎 = 4.8 Propagation 
[4.3] GA + O2

−⋅ →  GAox + H2O2  𝑘3 

[4.4] GAox + O2 → GAox + O2
−⋅ 𝑘4 

[4.5] GAox +  O2
−⋅ → GAox + H2O2 𝑘5 

[4.6] GA + H2O2 → GAox + ROS 𝑘6 

[4.7] GAox + H2O2 → GAox + ROS 𝑘7 

[4.8] GA +  NOM → GAox + NOMred   𝑘8 

[4.9] O2
−⋅ + NOM →  H2O2 + NOMox  𝑘9 

[4.10] H2O2 +  NOM →  NOMox + ROS 𝑘10 Termination 
[4.11] O2

−⋅ + HO2
⋅ → H2O2 + O2  𝑘11 

 
Figure 4.3 Proposed set of equations in the free radical chain reaction 
initiated by the direct oxidation of gallic acid by dioxygen. GAox refers to 
all gallic acid oxidation products in the generic sense. Here, superoxide acts 
as the chain carrier continuing the chain propagation generating more ROS 
and oxidized versions of gallic acid. Added NOM acts a propagation step 
for the reaction series and a termination step for superoxide. The chain is 
terminated upon dismutation of superoxide to produce hydrogen 
peroxide. The reactions provided are simplified proposed steps that 
include generalized reactants and products.  
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Figure 4.4 Rate of hydrogen peroxide production over the pH of range 5 – 10, insert: 
hydrogen peroxide concentration over time at pH 7. The production of hydrogen peroxide 
was zero order in hydrogen peroxide over the pH range (5-10). The rates of hydrogen 
peroxide production were calculated after the induction period at pH 7(insert). The 
increase in the slopes with increasing pH was consistent with the hypothesis that the 
mechanism to produce hydrogen peroxide was constant across the measured conditions. 
All reactions took place in air-saturated 0.1M sodium bicarbonate buffered solutions 
adjusted to the appropriate pH.  
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Figure 4.5 Ratio of the concentration of hydrogen peroxide to nominal gallic acid 
concentration over time. The concentration of hydrogen peroxide per GA nominal 
concentration was constant over various initial GA concentrations. This constancy 
indicates that the oxidation of GA and production of hydrogen peroxide was 
independent of GA nominal. All solutions were buffered to pH 8.3 in 0.1M sodium 
bicarbonate, GA aliquots were spiked in from a freshly prepared stock solution. 
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Figure 4.6 Gallic acid concentration loss over time in the presence and absence of 
superoxide dismutase (SOD). SOD preserved GA in solution and decreased the rate of 
hydrogen peroxide production (not shown). SOD effectively scavenged superoxide and 
GA oxidation was solely due to the presence of oxygen. The decreased rate showed that 
superoxide was the chain carrier for GA oxidation in aqueous solutions. All solutions were 
buffered with 0.1 M sodium bicarbonate to a pH of 8.3, nominal starting concentration of 
GA was 20PM.  
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Figure 4.7 Concentration of GA (squares) and hydrogen peroxide (circles) over time in 
natural water. All samples were buffered to pH 8.3 in sodium bicarbonate, collected from 
around South Carolina. Site 1: black, Site 2: blue, Site 3: grey, Site 4: red. Nominal starting 
concentration of GA was 20 PM, but oxidation was rapid and T0 represented 75% of 
nominal already oxidized. Production of peroxide reached maxima after 1 hour. Error bars 
represent standard deviation from n=3 replicates.  
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Figure 4.8 Production of hydrogen peroxide from Site 2, Old Bates River, during GA 
oxidation. The concentration of added phosphate was at 1 mM, added DTPA was 0.2 mM, 
nominal starting concentration of GA was 20 PM, and pH was 8.3, buffered with 0.1M 
sodium bicarbonate. Addition of the DTPA to complex native transition metals decreased 
the rate of production to that of laboratory water (LW).  
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Figure 4.9 Fraction of superoxide reacting with NOM at three pHs. This was modeled 
from Equation 18 and since superoxide dismutase is pH dependent, this model was 
carried out over three pHs: 6.2, 7.2, and 8.2. The dashed line represents the transition 
from the fate of superoxide; below 50% the fate of superoxide is through dismutation 
and above 50%, peroxidation of NOM. 
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Table A.1 Literature results from June 30, 2019. Search terms 
were “genera” followed by “ROS” in Web of Science.  

Genera Hydrogen 
Peroxide 

Hydroxyl 
Radical 

Ozone 

Anabaena 143  13 72 

Aphanizomenon flos-aquae 6 2 3 

Cylindrospermopsis 5 2 5 

Lyngbya 17 5 13 

Microcystis 169 50 101 

Nodularia 1 0 5 

Nostoc 64 13 61 

Oscillatoria 25 3 19 

Phormidium 16 4 10 

Planktothrix 16 2 5 

Pseudanabaena 6 0 3 

Raphidiopsis 4 0 0 

Synechococcus 128  6 30 

Trichodesmium 5 1 5 
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Table A.2. Literature results from June 30, 2019. Search terms were “toxin” 
followed by “ROS” in Web of Science.  

Toxin 
Hydrogen 
Peroxide 

Hydroxyl 
radical 

Ozone 

Anatoxin-a 21 8 19 

BMAA 0 0 0 

Cylindrospermopsin 26 26 14 

Microcystin 186 123 85 

Nodularin 5 3 4 

Saxitoxin (Paralytic shellfish 
toxins) 

24 (27) 3 (0) 6 (11) 
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Figure B.1 Molecular structures of the Lyngbya wollei toxins (LWTs) 1-6 (free base). 
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Table B.1 LC-TQ source parameters for 
detection of LWTs. All parameters were 
optimized manually using MassLynx (V.4.1) 
using saxitoxin as a model LWT and kept 
constant.  

Polarity ES+ 

Extractor (V) 3 

Source Temperature (qC) 150 

Desolvation Temperature (qC) 400 

Cone Gas Flow (L/Hr) 25 

Desolvation Gas Flow (L/Hr) 600 

Collision Gas Flow (mL/Min) 0.15 
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Figure B.2 Peak area vs. cone voltage for LWT1 (a), LWT4 (b), LWT5 (c), and LWT6 (d). 
Each cone voltage series was done at a capillary voltage ranging from 0.5 kV - 2.5 kV. A 
capillary voltage of 0.5 kV was chosen for all LWTs, consistent with the optimal capillary 
voltage for saxitoxin, the model LWT.  
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Figure B.3 High resolution spectra obtained from the UHPLC-QTOF for Saxitoxin at 6.38 
mins.  
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Figure B.4 High resolution spectra obtained from the UHPLC-QTOF for LWT1 at 3.87 mins.  
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Figure B.5 High resolution spectra obtained from the UHPLC-QTOF for LWT4 at 6.13 mins.  
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Figure B.6 High resolution spectra obtained from the UHPLC-QTOF for LWT5 at 5.84 mins.  
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Figure B.7 High resolution spectra obtained from the UHPLC-QTOF for LWT6 at 4.96 mins.  
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Table B.2 Fragmentation ions, losses, and ppm mass error for STX on the UHPLC-QTOF 

Saxitoxin 
Observed 

m/z 
Formula Mass loss Loss 

Theoretical 
m/z 

ppm mass diff 

300.1413 C10H18N7O4   300.14148 0.600 

282.1309 C10H16N7O3 18.0104 -H2O 282.13091 0.035 

258.1196 C9H16N5O4 42.0217 -CH2N2 258.11968 0.310 

240.1100 C9H14N5O3 60.0313 -CH2N2, -H2O 240.10912 3.665 

221.1145 C9H13N6O 79.0268 -CH3NO, -H2O 221.11454 0.181 

204.0879 C9H10N5O 96.0534 
-CH2NO, -NH2, -H2O, -

H2O 
204.08799 0.441 

197.1032 C8H13N4O2 103.0381 -CH3NO2, -CH2N2 197.10330 0.507 

179.0928 C8H11N4O 121.0485 -CH3NO2, -CH2N2, -H2O 179.09274 0.335 

169.072 C6H9N4O2 131.0693 -CH3N3, -C3H6O2 169.072 0.000 

157.0719 C5H9N4O2 143.0694 -C5H9N3O2 157.0720 0.637 

144.0768 C5H10N3O2 156.0645 -C5H8N4O2 144.07675 0.347 

138.0674 C6H8N3O 162.0739 
-H2O, -CH2N2, -

C3H6N2O2 
138.06619 8.764 

96.0458 C5H6NO 204.0955 
-CH2NO, -CH2N2, -

CH4N3, -C2H4O2 
96.04439 14.681 

83.0606 C4H7N2 217.0807 -CH2NO2, -C5H9N4O2 83.06037 2.769 

72.0554 C2H6N3 228.0859 -C8H12N4O4 72.05562 3.053 

60.0556 CH6N3 240.0857 -C9H12N4O4 60.05562 0.333 
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Figure B.8 High resolution spectra obtained from the UHPLC-QTOF for LWT2/3 at 3.94 
mins.  
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Table B.3 Fragmentation ions, losses, and ppm mass error for LWT2/3 on the UHPLC-
QTOF 

LWT2/3 

Observed 
m/z 

Formula Mass loss Loss 
Theoretical 

m/z 
ppm mass diff 

395.095 C11H19N6O8S   395.09796 7.492 

377.0889 C11H17N6O7S 18.0061 -H2O 377.08739 4.004 

315.1387 C11H19N6O5 79.9563 -SO3 315.14114 7.743 

297.1303 C11H17N6O4 97.9647 -SO3, -H2O 297.13058 0.942 

280.1043 C11H14N5O4 114.9907 -SO3, -H2O, - NH3 280.10403 0.964 

220.0835 C9H10N5O2 175.0115 
-SO3, -H2O, -

C2H4O2, - NH3 
220.08345 0.227 

196.0831 C7H10N5O2 199.0119 -C4H7NO2, -H2O 196.0829 1.020 
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Figure B.9 Normalized MS peak area of LWTs as a function of log10(dilution factor) in 
different extraction solvents. Approx. 100 mg of dry algae was extracted with 100 mM 
HCl (a), or 10 mM HCl (b). This acid extract was then diluted by a factor of up to 100 in its 
original extraction solvent. Peak area is normalized against the area at a dilution factor of 
one. 
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 Figure C.1. Percent total carbon (top) and percent inorganic content 

(bottom) for Cove 1, Cove 2, and Cove 3 over the sampled time 

season. Average and standard deviation are presented as the 

average from three grab samples obtained on one day. 
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Figure C.2. LWTX/LWTXmin for LWT1, LWT4, LWT5, and LWT6 for Cove 2 from June 2018 to February 2019. 
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Figure C.3. LWTX/LWTXmin for LWT1, LWT4, LWT5, and LWT6 for Cove 3 from June 2018 to February 2019
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Table D.1 UPLC-MS source parameters for gallic acid 
detection. Cone and collision voltages for the MRM 
transition of gallic acid (m/z=169 to m/z=125) were 
determined from Intellistart software.  All other parameters 
optimized manually using MassLynx (V.4.1) 

Polarity ES- 
Capillary (V) 2000 

Cone (V) 28 
Extractor (V) 3 

Source Temperature (qC) 150 
Desolvation Temperature (qC) 600 

Cone Gas Flow (L/Hr) 0 
Desolvation Gas Flow (L/Hr) 1000 
Collision Gas Flow (mL/Min) 0.15 
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Figure D.1 MRM chromatogram for gallic acid which eluted at 0.49 mins during the 
gradient flow. Response correlates to the mass transition from m/z = 169 to m/z = 125. 
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Figure D.2 Full MS spectra of GA, eluted at 0.49 mins under the instrument conditions. 
The m/z of 169 represents the molecular ion of GA ([M-H]-), and m/z of 125 as the main 
fragment of GA ([M-H-CO2]-) 
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Figure D.3 The locations of the four sampling locations in South Carolina: Low Falls 
Landing in Lake Marion (Site 1, 33.632256, -80.543134), Old Bates River (Site 2, 
33.785559, -80.635637), Cedar Creek in the Congaree National Park (Site3, 33.818651, -
80.787909), and Rosewood Landing in the Congaree River (Site 4, 33.964918, -
81.036215).  
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Figure D.4 Background hydrogen peroxide over three hours in the four locations where 
water was collected.  
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Table D.2 ICP-MS results of raw and filtered river waters from the four natural water 
samples collected.

Location 
(unfiltered/

filtered) 

Metal ion detected 

7Li 9Be 11B 23Na 24Mg 27Al 39K 44Ca 51V 52Cr 

Low Falls 
Landing 

2.58 0.02 48 9179 2813 28 3538 649 1.00 0.17 

2.82 0.01 47 8824 2777 1.73 3516 605 0.67 0.08 

Old Bates 
River 

1.77 0.06 25 6359 2861 3.07 4905 795 1.77 0.48 
0.82 0.03 19 4799 2021 13 3346 443 0.72 0.28 

Cedar 
Creek 

0.71 0.03 9.3 2703 637 9.42 814 117 0.76 0.25 
0.41 0.03 9.3 2890 612 7.06 934 121 0.40 0.18 

Rosewood 
Landing 

2.73 0.01 29 5587 1961 18 2784 472 0.87 0.10 
2.82 0.00 29 5904 1950 0.64 2779 465 0.76 0.13 

 
Location 

(unfiltered/
filtered) 

59Co 64Zn 75As 88Sr 98Mo 107Ag 111Cd 121Sb 138Ba 205Ti 

Low Falls 
Landing 

0.08 21.0 0.47 49 1.53 0.09 0.00 0.22 21 0.01 
0.01 1.93 0.43 49 1.21 0.00 0.00 0.38 20 0.00 

Old Bates 
River 

1.20 32.0 1.21 65 0.31 0.00 0.02 0.06 82 0.02 

0.45 2.05 0.58 46 0.16 0.00 0.00 0.08 46 0.00 

Cedar 
Creek 

0.97 5.15 0.53 10 0.12 0.00 0.00 0.02 17 0.00 
0.04 14.0 0.39 9.5 0.06 0.00 0.02 0.02 16 0.00 

Rosewood 
Landing 

0.11 3.02 0.44 40 2.15 0.03 0.00 0.29 10 0.00 
0.04 9.82 0.39 39 2.68 58.09 0.03 0.32 9.80 0.00 
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Figure D.5 Oxidation of GA over the pH range of 4-10 over three hours.  
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Figure D.6 Production of hydrogen peroxide over the pH range of 4-10 over three hours. 
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Figure D.7 The ratio of the rate of gallic acid oxidation and hydrogen peroxide production 
over the pH range 5-10. 
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Figure D.8 Production of hydrogen peroxide during the oxidation of 10 µM and 20 µM 
gallic acid. 
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Figure D.9 Concentration of hydrogen peroxide from GA oxidation during an added 5 µm 
spike of hydrogen peroxide 
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Figure D.10 Hydrogen peroxide stability in the four natural water samples, 
unfiltered (top) and filtered (bottom).  
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Figure D.11 Oxidation of GA (squares) and production of hydrogen peroxide (circles) in 
the four natural water samples. 
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Figure D.12 Hydrogen peroxide production from the autoxidation of gallic acid in the 
presence and absence of 50 PM Fe(III). 
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−d[O2
∙−]

dt
= kobs[O2

∙−]2   [S1] 

√4.9x10−10M/s
15849M−1s−1

= [O2
∙−]   [S2] 

[O2
∙−] = 1.76x10−7   [S3] 

Figure D.13 The calculation for 
superoxide in our system derived from 
the superoxide steady state in aqueous 
solutions. The steady state of superoxide 
is shown in Equation S1, where Kobs at pH 
of 8.3 is 15849 M-1 s-1 (Bielski 1978) and 

the term (
−𝑑[𝑂2∙−]

𝑑𝑡
) was calculated from two 

times the hydrogen peroxide production 
rate from GA oxidation in the presence of 
SOD (4.9x10-10 M/s). Rearranging to solve 
for [O2

∙−] gives Equation S2 and solving for 
[O2

∙−] 0.176 PM of superoxide is generated 
from dismutation. Since dismutation only 
accounts for 8% of the hydrogen peroxide 
generated, we multiplied the superoxide 
concentration by 12 to come up with a 
superoxide concentration in our system 
of 2.11 PM.  


